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Abstract 

Plant secondary metabolites, commonly known as natural products, are ubiquitous and used 

in a wide variety of fields and industries, ranging from pharmaceuticals and cosmetics to 

agriculture. For plants in particular, the distribution of natural products has largely been 

localised to broad anatomical regions such as the leaves, stem, roots, bark and seeds. 

However, there is a scarcity of literature exploring the cellular or subcellular distribution 

of natural products, and the insights that may result. The spatial distribution of natural 

products have the potential to be spectroscopically mapped using vibrational spectroscopic 

methods, including FTIR and confocal Raman microscopy. 

Western Australia is home to an incredible biodiversity of plant life, including a variety of 

plants in the Goodeniaceae and Sapindaceae families. The natural product composition of 

a variety of plants, including Scaevola aemula, Scaevola albida, Scaevola striata, Scaevola 

caliptera, Scaevola nitida and Goodenia varia, all of which were cultivated in Perth, 

Western Australia were investigated. Ursolic acid 110 was isolated from Scaevola and 

Goodenia species. A novel glycoside, α-bisabolol β-D-ribofuranose 111, was isolated from 

Scaevola nitida. Six beyerenes, four of which were novel, were isolated from G. varia. 

The natural product composition of Scaevola crassifolia Labill. collected from its native 

environment in Port Beach, North Fremantle, Western Australia was investigated for 

comparison to the S. crassifolia collected from Curtin University in Perth, Western 

Australia. The natural product composition was very similar, with the addition of 12-

hydroxycaryophyllene 60 and flavone 141. However, 4-dihydroxy-α-bisabolol-2,10-diene 

137 was not isolated from the leaf resin of the Port Beach sample.  

The biosynthesis of the natural product birkenal 142 was explored using organic synthesis 

and spectroscopy. A mechanism for the formation of birkenal 142, caryolan-1,3,4-triol 152 

and 5,6-dihydroxycaryophyll-3,8-diene 154 from 6-hydroxycaryophyllene 1 was 

successfully developed (Figure 1). Longitudinal NMR and FTIR spectroscopic studies 

revealed that the formation of birkenal 142 and other aldehydes from 6-

hydroxycaryophyllene 1 required an acidic environment. The auto-oxidation of compounds 

in the neutrals fraction of S. crassifolia leaf resin was found to be inhibited by the presence 

of phenolic compounds in the resin. 
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Figure 1. Synthesis of birkenal 142 from 6-hydroxycaryophyllene 1. 

The abiotic factors influencing the cyclisation of chalcone 157 to form 8-prenylflavanone 

138 and 6-prenylflavanone 139 in a 5:4 ratio was investigated synthetically and 

spectroscopically (Figure 2). The formation of 6-prenylflavanone 139 was favoured in the 

presence of a sterically bulky base, but cyclisation by photocatalysis led to polymerisation 

of chalcone 157. Therefore, the formation of 8-prenylflavanone 138 and 6-prenylflavanone 

139 in a 4:5 ratio was attributed to a natural bias in the enzymatic reaction. 

 

Figure 2. Cyclisation of chalcone 157 into flavanones 138 and 139 using NaOAc. 

6-Hydroxycaryophyllenes are readily available from the leaf resin of S. crassifolia and the 

chemistry has been largely unexplored. The chemistry and reactivity of 6-

hydroxycaryophyllenes was investigated. A variety of reactions were explored, including 

polyhydroxylation of the alkenes to synthesise amphipathic compounds, cationic 

rearrangements, functionalisation and oxidation of the allylic hydroxyl group and 

endocyclic alkene, and exploring the Diels-Alder chemistry of the endocyclic alkene 

(Figure 3). 
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1.1 Plants growing in Western Australia 

Australian plants are unique in the world due to the geographic isolation and harshness of 

the environment in which they inhabit. As of 2009, more than 21,000 species of plants have 

been described in Australia, of which more than 19,000 species are vascular plants alone.[1] 

Australian plants have been reported to possess an abundance of natural products and 

multiple studies have been conducted.[2] However, plants have been collected primarily 

from tropical regions in Australia, while arid and semi-arid regions compose 70% of 

mainland Australia have been neglected (Figure 1.2).[2] Plants that grow in these arid 

regions are exposed to different environmental stressors, such as low rainfall and high UV 

exposure, so novel natural products may be produced by these plants as a result. Western 

Australia is largely composed of arid and semi-arid regions and a number of native plant 

species have been shown to possess a heavy coating of leaf resin (Figure 1.2). The leaf 

resins have been shown to be abundant sources of polycyclic natural products and these 

compounds are believed to possess antifeedant or other protective properties.[3] 

 

Figure 1.2. Climate map of Australia created by the Bureau of Meteorology. 

Plants in the Goodeniaceae family have been reported to possess a number of novel natural 

products.[4] There are approximately 400 species of plants in the Goodeniaceae family, of 
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which 380 are found in Australia, with a majority being found in Western Australia.[4a, 5] 

There are 11 genera that have been reported in the Goodeniaceae family: Anthotium, 

Coopernookia, Dampiera, Diaspasis, Goodenia, Lechenaultia, Pentapilon, Scaevola, 

Selleria, Velleia and Verreauxia.[4a] The majority of these genera occur almost exclusively 

in Australia. However, plants in the Scaevola genus have been found outside of Australia 

in regions such as the tropical Americas, Africa and the Pacific Islands. Approximately, 40 

out of 130 species in this genus have been found outside of Australia.[6] Species found in 

the Scaevola genus include Scaevola crassifolia, Scaevola calliptera, Scaevola striata, 

Scaevola aemula, Scaevola albita, and Scaevola nitida.  

1.2 Natural products found in Goodeniaceae species 

Plants in the Goodeniaceae family have been used for medicinal purposes by indigenous 

Australians. The extract of the leaves and twigs of Goodenia ovata have been reported to 

possess antidiabetic properties.[7] Goodenia scaevolina was used to relieve coughs by 

chewing the roots, which would release the juices that acted as treatment.[7] Scaevola 

spiniscens has been used for the treatment of several ailments. Stomach aches and urinary 

issues were treated by consuming a decoction of the roots. Boils, sores and rashes were 

treated with a decoction of the stems. Colds were treated by inhaling the fumes generated 

after burning the entire plant.[7] 

The medicinal properties of plants are generally associated with the natural products. 

Natural products reported in Goodeniaceae species, and in particular in the Scaevola genus, 

include coumarins, fatty acids, flavonoids, glycosides and terpenoids (Figure 1.3).[4a] 

However, it is worth noting that research into the natural products found in Goodeniaceae 

plants in Western Australia is severely limited, and especially so with Scaevola species. 





5 
 

Biosynthesis of terpenoids starts with the production of the precursor compounds 

isopentenyl pyrophosphate (IPP) and its allylic isomer, dimethylallyl pyrophosphate 

(DMAPP) (Scheme 1.1).[11] IPP and DMAPP are biosynthesised via the mevalonate or non-

mevalonate pathways. The mevalonate pathway occurs in the cytoplasm, while the non-

mevalonate pathway occurs in the plastid. Sesquiterpenes, polyprenols, squalene and 

triterpenes are synthesised via the mevalonate pathway, while monoterpenes, diterpenes, 

gibberellins, carotenoids and chlorophyll are synthesised via the non-mevalonate pathway. 

In both pathways, after the formation of IPP and DMAPP, geranyl pyrophosphate (GPP) is 

synthesised via the condensation of IPP and DMAPP via geranyl pyrophosphate synthase 

(GPPS) (Scheme 1.1). In the mevalonate pathway, GPP can be further reacted with IPP via 

a condensation reaction facilitated by farnesyl pyrophosphate synthase (FPPS) to afford 

farnesyl pyrophosphate (FPP). FPP is the precursor to a variety of compounds including 

sesquiterpenes, triterpenes, polyprenols, and squalene. In the non-mevalonate pathway, 

GPP can undergo further reactions to afford a variety of monoterpenoids or undergo a 

condensation reaction with another unit of GPP facilitated by geranylgeranyl 

pyrophosphate synthase (GGPPS) to afford geranylgeranyl pyrophosphate (GGPP).[11] 

GGPP can undergo further reactions to generate a variety of compounds including 

diterpenes, gibberellins, carotenoids and chlorophylls.  
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Figure 1.12. Structures of luteolin-7-O-glucoside 46 apigenin rhamnoside 39 and quercetin 

glycosides 40-45, and 7-polyacylated delphinidin 3,7-diglucoside 47. 

Alkaloids are a class of natural products that typically refers to nitrogen containing 

compounds. Alkaloids have been isolated from Western Australian plants, but few 

examples are present in the Goodeniaceae family. Aplin et al. tested for the presence of 

alkaloids in a number of Western Australian plants, and only a handful of plants in the 

Goodeniaceae family gave a strongly or moderately positive response for the presence of 

alkaloids.[24] In particular S. crassifolia and Scaevola striata both tested negative for the 

presence of alkaloids. Interestingly, Scaevola racemigera collected in New Caledonia 

yielded nine alkaloids derived from iridoid glycosides, such as cantleyine 48, 

tetrahydrocantleyine 49 and the lactam strychnovoline 50 (Figure 1.13).[15] 
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in plant species including Zinnia elegans L., Capsicum annuum var. annuum, Populus alba 

L., and Pinus halepensis L. (Figure 1.17).[32]  Histological stains can be used to map the 

distribution of different molecules, but lack chemical specificity beyond broad chemical 

classes such as terpenes or flavonoids. Chemical staining can also lead to artefacts in 

biological tissue.[33]  

 

Figure 1.17. Phloroglucinol-HCl stained Zinnia elegans stems (B) 5 days and (C) 10 days after 

appearance of first true leaves and Zinnia elegans hypocotyls (D) 10 days and (E) 15 days after the 

appearance of first true leaves. Scale bars are 100 μm. Figure and caption from work by Pomar et 

al.[32] 

1.4.2. Mass spectrometry imaging methods 

Imaging mass spectrometry has traditionally been used to map the distribution of 

biomolecules such as proteins and lipids in animal samples, but has increasingly been used 

to map the distribution of natural products.[34] The primary mass spectrometry imaging 

techniques are Matrix-Assisted Laser Desorption/Ionisation (MALDI), Desorption 

Electrospray Ionisation (DESI) and Secondary Ion Mass Spectrometry (SIMS). 

1.4.2.1 Matrix-Assisted Laser Desorption/Ionisation (MALDI) 

MALDI mass spectrometry involves the use of a matrix to assist in desorption of the 

analytes from the sample surface. Evaporation of the matrix results in crystallisation of the 

matrix with the analytes embedded within the crystals. The sample is then irradiated with 

a laser, resulting in laser ablation of the crystals and desorption of the analytes and matrix 

materials. Finally, the desorbed analytes are ionised and can be detected by the mass 
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spectrometer. MALDI mass spectrometry is an accessible technique that can be used with 

a wide variety of samples, but ionisation must be conducted under vacuum. Shroff et al. 

used MALDI to map the distribution of glucosinolates in the leaves of Arabidopsis thaliana 

(Figure 1.18).[35] 

 

Figure 1.18. MALDI-MS images of Arabidopsis thaliana leaves showing the uneven distribution of 

glucosinolates throughout the leaves by Shroff et al.[35] 

1.4.2.2 Desorption Electrospray Ionisation (DESI) 

DESI mass spectrometry is based on the use of a stream of charged solvent at an angle to 

the sample surface to desorb analytes from the sample surface. The desorbed analytes are 

then propelled towards the mass spectrometer to be analysed. A significant advantage of 

DESI mass spectrometry is that the desorption of the sample is conducted under ambient 

conditions in open air and is a comparatively gentle ionisation technique relative to MALDI 

mass spectrometry. The set-up for DESI mass spectrometry is highly specialised, however, 

and typically requires assistance from mass spectrometry specialists. Lane et al. used DESI 

mass spectrometry to map the distribution of bromophycolides 52 and 53 on algal surfaces, 

showing that the distribution of the compounds was heterogenous (Figures 1.19 and 

1.20).[36] 
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FTIR spectroscopy involves the use of infrared light to obtain chemical information about 

the sample. All molecules possess molecular vibrations, with 3N-6 vibrational modes for a 

given molecule (3N-5 for linear molecules), where N is the number of atoms in the 

molecule.[38] When the sample is exposed to infrared light, the light will be absorbed by the 

molecule and the low energy infrared light will be absorbed by particular molecular 

vibrations (Figure 1.26). Absorption of the infrared light results in a change in the dipole 

moment of the molecule, and the transmitted radiation is detected.[38] FTIR spectroscopy 

can be used for chemical mapping, known as FTIR imaging. FTIR imaging has an excellent 

signal-to-noise ratio but on a benchtop instrument, has a poorer spatial resolution in the 

range of 5 µm to 20 µm. FTIR imaging is also water-sensitive, so air purging is required 

before imaging. 

The poor spatial resolution of benchtop FTIR imaging can be mitigated through the use of 

a synchrotron light source (Figure 1.23). A synchrotron generates high intensity light 

through the acceleration of high energy electrons in a circular orbit using magnetic fields. 

The light generated by the synchrotron covers a wide spectrum, ranging from infrared to 

hard x-rays, and is tuneable, allowing for any wavelength within that range to be selected. 

The infrared microscopy (IRM) beamline at the Australian synchrotron allows for high 

signal-to-noise ratios at diffraction-limited spatial resolutions between 3-8 µm, which is 

suitable for imaging of plant cells.[39] 

 

Figure 1.23. Aerial view of the Australian synchrotron.[40] 

Raman spectroscopy is a complementary technique to FTIR spectroscopy that uses light in 

the near-infrared, visible or near-ultraviolet region as opposed to infrared light.[38] For 

Raman spectroscopy, when the incident light interacts with the molecule, one of three types 

of light scattering can occur. The electrons can be excited to a virtual electronic state and 

then relax back down to the ground state in a single step, known as Rayleigh scattering 

(Figure 1.24). The electrons can be excited to a virtual electronic state and relax back down 
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to a higher vibrational energy level than the ground state, releasing photons of a lower 

energy and longer wavelength, known as Stokes scattering (Figure 1.24). Finally, the 

electrons can be excited to a virtual electronic state from the ground state and relax back 

down to a lower energy vibrational level, releasing photons of a higher energy and shorter 

wavelength, known as Anti-Stokes scattering (Figure 1.26). Stokes and Anti-Stokes 

scattering are the signals measured for Raman spectroscopy, but are weak scattering effects 

in comparison to Rayleigh scattering.[38] 

 

Figure 1.24. Jablonski diagram showing FTIR and Raman scattering effects. 

Similar to FTIR imaging, Raman spectroscopy can also be used for chemical mapping, 

known as Raman microscopy. The signal-to-noise ratio of Raman microscopy is 

significantly worse than FTIR imaging, because Raman scattering is a very weak effect. 

The spatial resolution of Raman microscopy is substantially improved relative to that of 

FTIR imaging, with values in the sub-micromolar range. Raman microscopy is not water-

sensitive and can provide greater chemical specificity than FTIR imaging, such as 

providing information about the expansion and contraction of rings in cyclic and polycyclic 

molecules.  

Vibrational spectroscopy has been used for the characterisation of natural products such as 

essential oils in plants from Turkey.[41] However, the compounds were not characterised in 
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situ and instead characterisation was achieved with essential oils that had been extracted 

from the plant. In situ characterisation of natural products was conducted by Sanchez et al. 

to differentiate between hemp, cannabidiol-rich hemp and cannabis using a handheld 

Raman spectrometer. However, the measurements were of a single point on the plants and 

did not provide any information about the spatial resolution of compounds like cannabidiol 

or tetrahydrocannabinol (THC)[42] 

Biospectroscopy refers to the use of vibrational spectroscopy, such as FTIR imaging and 

Raman microscopy, to directly obtain chemical information in situ about biological 

systems.[43] Furthermore, biospectroscopy can spatially resolve molecules, which has been 

successfully applied previously for the imaging of protein aggregates that are thought to be 

linked to Alzheimer’s disease.[44] Similarly, biospectroscopy has been used extensively for 

the chemical analysis of plant cells and plant material. For example, lignin is a polyphenolic 

polymer used for structural reinforcement in plant cells and changes in lignin composition 

and distribution can provide valuable information about plant anatomy. The changes in the 

distribution of lignin in the cell walls of Populus trichocarpa has been previously mapped 

using Raman microscopy (Figure 1.25).[45] Raman spectroscopy has also been used to gain 

more structural information about the polymer and how the structures change upon milling 

and chemical treatment of wood.[46] Natural product distribution has also been mapped 

using Raman microscopy. The distribution of flavonoids, along with other compounds such 

as suberin, lignin and ferulate, has been mapped using a combination of fluorescence 

microscopy and Raman microscopy.[47] Flavonoids were localised to the epidermal cell 

lumens through the use of staining and extraction of compounds from the pine needles.  
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Treatment of β-caryophyllene 58 with monoperphthalic acid in Et2O generates 4β,5α-

epoxycaryophyll-8(13)-ene 81 and 4α,5β-epoxycaryophyll-8(13)-ene 82 (Scheme 1.8).[59] 

 

Scheme 1.8. Epoxidation of β-caryophyllene 58 using monoperphthalic acid. 

Similar to the parent molecule β-caryophyllene 58, treatment of caryophyllene oxide 81 

using a Brønsted-Lowry or Lewis acid can result in a variety of structural rearrangements 

occurring. Treatment of caryophyllene oxide 81 using H2SO4 in Et2O primarily afforded 

cloven-2β, 9α-ol 83 along with nine other products (Scheme 1.8).[54]  

 

Scheme 1.9. Cationic rearrangement of caryophyllene oxide 81 in the presence of H2SO4. 

Treatment of caryophyllene oxide 81 with tetracyanoethylene (TCNE), a mild Lewis acid, 

in MeOH afforded 2β-methoxyclovan-9α-ol 84, along with 4β-methoxycaryophyllen-5α-

ol 85 and elimination product 86 (Scheme 1.10).[60] 
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Scheme 1.10. Cationic rearrangement of caryophyllene oxide 81 in the presence of TCNE in 

MeOH. 

Caryophyllene oxide 81 can be converted into kobusone 87 through ozonolysis of the 

exocyclic alkene, as reported by Amigo et al. (Scheme 1.11).[61]  

 

Scheme 1.11. Ozonolysis of caryophyllene oxide 81. 

Caryophyllene oxide 81 is remarkably stable under basic conditions, but kobusone 87 

rearranges under strongly basic conditions. Amigo et al. reported that the treatment of 

kobusone 87 with boiling methanolic KOH affords compounds 88 and 89 in 66% and 14% 

yields respectively (Scheme 1.12).[61] 

 

Scheme 1.12. Base catalysed rearrangement of kobusone 87 in the presence of KOH. 

Thermal rearrangements of β-caryophyllene 58 have also been previously explored. Ohloff 

et al. reported that the pyrolysis at >240 ºC of β-caryophyllene 58 afforded 

isocaryophyllene 72 in 82% yield (Scheme 1.13).[62] It is proposed that the structural change 

occurred via multiple [3+3] sigmatropic rearrangements (Cope rearrangements) of the 1,5-

diene (Scheme 1.13).  
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1.15).[65] The condensation afforded the expected oxime 93 and two additional epoxide ring 

opened products 94 and 95 (Scheme 1.15).  

 

Scheme 1.15. Oximation of kobusone 87 using NH2OH.HCl. 

Sulfur can also be integrated into caryophyllene scaffolds in the form of sulfides and thiols. 

Saiz-Urra et al. reported the BF3·Et2O catalysed one pot rearrangement and nucleophilic 

addition of ethane-1,2-dithiol to caryophyllene oxide 81 to generate the thiol 96 (Scheme 

1.16).[66]  

 

Scheme 1.16. Lewis acid catalysed one pot formation of thiol 96. 

The incorporation of thiols can be similarly accomplished through the use of thiols as a 

nucleophile in 1,4-conjugate additions with α,β-unsaturated carbonyl systems, such as 

enones. Gyrdymova et al. explored the incorporation of thiols via 1,4-conjugate additions 

using betulenone 97. Betulenone 97 was prepared in two steps from caryophyllene oxide 

81. Firstly, an elimination using LDA in THF to afford allylic alcohol 98, followed by a 

TEMPO oxidation to generate the betulenone 97 (Scheme 1.17).[67] The addition of 

different thiol compounds was then facilitated using Cs2CO3 and TBAI to afford the target 

sulfides 99-105 (Scheme 1.18).[67] 
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be mapped used FTIR and confocal Raman microscopy in plant tissue, including the leaves, 

stem and roots. Mapping will initially be conducted using plant leaves, because leaves are 

a renewable part of the plant that can be collected without long term harm to the plant.  

• A method for the preparation of plant tissue for spectroscopic mapping will first be 

developed, including investigation of various factors such as thickness of plant 

tissue sections, types of embedding media and viability of tissue fixation methods 

(Figure 1.30).  

• Once a sample preparation has been developed, initial spectroscopic mapping will 

then be conducted using model 6-hydroxycaryophyllenes as the spectroscopic 

marker in S. crassifolia, because the strained endocyclic alkene has been reported 

as a unique spectroscopic marker in Raman spectra.[70]  

• The surface leaf resin will be mapped first, because it will contain the highest 

caryophyllene concentration.  

• After successful mapping of the surface leaf resin, the internal plant tissue will then 

be mapped in an attempt to map the distribution of caryophyllenes at a sub-

micromolar spatial resolution (Figure 1.30). 

Aim 3 

In parallel, the biosynthesis of natural products will be mimicked in synthetic chemistry: 

• The transformation of β-caryophyllene 58 into a variety of natural products has been 

extensively explored, but limited work has been conducted on the transformation of 

6-hydroxycaryophyllenes. Rearrangements of 6-hydroxycaryophyllenes will be 

explored through exposure to acidic and basic conditions and/or oxidative 

conditions to explore how 6-hydroxycaryophyllenes may transform under a variety 

of abiotic conditions into other existing natural products (Figure 1.30). 

• The biosynthesis of additional isolated natural products, such as flavonoids, will be 

similarly explored to investigate the impact of abiotic factors on natural products 

(Figure 1.30). 

Aim 4 

Finally, the chemistry of 6-hydroxycaryophyllenes will be further explored with the 

intention of developing unique molecular scaffolds for use in medicinal chemistry: 
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Chapter 2 

Isolation and identification of natural 

products from Western Australian plants 
 

S. crassifolia afforded interesting compounds, so the natural products composition of other 

plants in the Goodeniaceae family were screened to determine if other viable chromophores 

or unique scaffolds similar to caryophyllenes could be isolated. The aerial parts of Scaevola 

striata, Scaevola caliptera, Scaevola nitida “Aussie Spirit”, Scaevola aemula, and G. varia 

were analysed. The plants were obtained from Kings Park (botanic garden) plant sales and 

Bunnings. 

2.1 Scaevola nitida “Aussie Spirit” 

S. nitida “Aussie Spirit” is a shrub native to Western Australia. It is typically found along 

coastal regions in Perth, Peel, the Wheatbelt and the South-West. The plant can grow to be 

between 0.3 and 3.0 m in height. The shrub typically flowers from August to December 

and the colours of the flowers range from blue to purple (Figure 2.1).[71] 

 

Figure 2.1. S. nitida “Aussie Spirit” growing in Perth, Western Australia. 
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S. nitida “Aussie Spirit” was purchased from Bunnings and cultivated in Perth from March 

2019 to January 2021. Fresh leaves were collected directly from the plant and steeped in 

diethyl ether for 20 minutes. The ether extract was filtered to remove detritus and the filtrate 

was concentrated under reduced pressure to afford a yellow powder-like solid in 0.64% 

w/w yield. The 1H NMR spectrum of the crude solid showed multiple compounds. The 

poor solubility of the crude solid in CDCl3 suggested that trituration could be used for 

purification. A portion of the crude extract was triturated with methanol to afford a white 

solid in 0.37% w/w yield. The FTIR spectrum contained a broad absorbance at 3424 cm-1, 

which was characteristic of an alcohol and a strong carbonyl peak at 1687 cm-1, which 

indicated the presence of a carboxylic acid. The 13C NMR spectrum contained at least 30 

signals. A signal at 180.5 ppm indicated the presence of a carboxylic acid and the two 

signals at 126.2 and 139.8 ppm suggested that the compound contained an alkene. The 1H 

NMR spectrum contained a vinylic triplet at 5.52 ppm and seven signals at 1.27, 1.26, 1.09, 

1.05, 1.03, 0.98 and 0.92 ppm, which was characteristic of a triterpene. The vinylic signal 

integrated for 1H, which, along with the multiplicity, indicated the presence of a 

trisubstituted alkene. A multiplet at 3.48 ppm that integrated for 1H suggested that the 

compound contained a secondary alcohol. The doublets at 0.98 and 1.03 ppm each 

integrated for 3H, meaning that the molecule contained two secondary methyl groups. The 

HMBC and COSY spectra indicated that the two secondary methyl groups were adjacent 

to each other. The FTIR, 1H, 13C, and 2D NMR spectra indicated that the compound was 

ursolic acid 110 and the NMR data was consistent with the literature (Figure 2.2).[72] 

 

Figure 2.2. Analysis of ursolic acid 110. Red lines are HMBC correlations. Blue lines are COSY 

correlations. 
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The methanol soluble component was concentrated under reduced pressure to afford a 

yellow-white oil in 0.27% w/w yield. The crude oil was purified by column 

chromatography to afford two compounds. The first was afforded as a white, waxy solid in 

0.17% yield. The 1H NMR spectrum was consistent with that of ursolic acid that has been 

previously isolated from the plant. The second compound was afforded as a yellow oil in 

0.07% yield.  

The 13C NMR spectrum contained 23 signals. The molecular formula was confirmed by 

HRMS as having exact mass of 425.1786 m/z which was consistent with the [M+H]+ 

molecular ion of C22H40O6. The FTIR spectrum showed a broad stretch at 3401 cm-1, which 

was characteristic of an alcohol, and a carbonyl stretch at 1732 cm-1 that was indicative of 

an ester. The 1H NMR spectrum showed a singlet and a triplet at 5.06 and 5.34 ppm, 

respectively, that each integrated for 1H, which were indicative of the presence of alkenes 

in the compound. Three singlets at 1.60, 1.63 and 1.67 ppm each integrated for 3H each, 

which indicated the presence of three methyls in the compound. The two vinylic signals in 

combination with three methyl signals above 1.50 ppm was similar to the 1H NMR 

spectrum of α-bisabolol, reported by Cerceau et al.[73] Six signals between 3.0 and 5.0 ppm 

that each integrated for 1H indicated the presence of hydrogens adjacent to an oxygen, and 

the high number of signals suggested that a sugar was attached to the molecule. The carbon 

signal at 94.4 ppm confirmed the presence of a sugar, as the chemical shift between 90-100 

ppm was characteristic of the anomeric carbon of a sugar. The signal at 82.6 ppm correlated 

to a quaternary carbon and could be attributed to the tertiary alcohol of α-bisabolol. 

However, the tertiary alcohol was likely forming a glycosidic bond with the sugar in this 

molecule. The other five signals were present between 60 and 100 ppm in the 13C NMR 

spectrum, which indicated that the compound was likely a pentose. The signal for the 

anomeric carbon correlated to the quaternary carbon of α-bisabolol in the HMBC spectrum, 

indicating that the glycosidic bond was formed by the anomeric alcohol. Analysis of the 

coupling constants between the protons of the sugar indicated that the sugar was likely D-

ribofuranose, and the sugar was attached to α-bisabolol by a β-glycosidic linkage. A singlet 

at 2.12 ppm in the 1 integrated for 3H, which was characteristic of an acetate. The acetate 

was likely bonded to the exocyclic hydroxymethyl of the D-ribofuranose, because the other 

hydroxyl groups were likely to be too sterically hindered.  Analysis of the FTIR, 1H, 13C, 

COSY, HSQC and HMBC NMR spectra allowed the sugar to be tentatively assigned as α-

bisabolol β-D-ribofuranose 111 (Figure 2.3). 
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characteristic of oleanolic acid 116 (Figure 2.9).[78] Ursolic acid 110 and oleanolic acid 116 

have been found together in many plants [79]   

 

Figure 2.9. Analysis of oleanolic acid 116.  

2.4 Scaevola aemula 

S. aemula, commonly known as the Fairy Fan-flower, is a low-lying shrub native to 

southern Australia, including Western Australia, South Australia, New South Wales and 

Victoria. Several cultivars of S. aemula exist, but in general the plants do not exceed 0.5 m 

in height. They typically have blue, white or purple flowers that bloom from August to 

December or January to March (Figure 2.10). S. aemula, S. aemula Purple Fandancer and 

S. aemula Mauve Clusters are all cultivars of S. aemula and the natural products 

compositions of the surface leaf resin was analysed for each plant. [80]  

 

Figure 2.10. S. aemula growing in Perth, Western Australia. 

S. aemula was purchased from Bunnings and cultivated in Perth from March 2019 to July 

2021. Fresh leaves were collected directly from the plant and steeped in Et2O for 20 mins. 

The ether extract was filtered to remove detritus and the filtrate was concentrated under 
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reduced pressure to afford a white waxy oil in 0.25% yield. The 1H NMR spectrum of the 

crude oil indicated that the oil contained several different compounds and further 

purification was required. The presence of multiple signals between 3 and 5 ppm indicated 

that glycosides were likely present in the oil. The crude oil was partitioned into neutrals, 

carboxylic acids and phenols.  

The neutrals fraction was purified by column chromatography to afford a white solid in 

11% yield of the neutrals mass. The 1H NMR indicated that it contained a mixture of 

triterpenes, including ursolic acid 110 and oleanolic acid 116, which had been previously 

isolated from other Scaevola species. Similarly, purification of the phenols fraction by 

column chromatography afforded a mixture of ursolic and oleanolic acid. The carboxylic 

acids fraction was afforded as a complex mixture and was not purified further. 

S. aemula “Bondi Blue” was purchased from Bunnings and cultivated in Perth from 

September 2019 to August 2020. Fresh leaves were collected directly from the plant and 

steeped in Et2O for 20 mins. The ether extract was filtered to remove detritus and the filtrate 

was concentrated under reduced pressure to afford a white waxy oil in 0.09% yield. The 1H 

NMR spectrum of the crude oil indicated that multiple compounds were present, including 

ursolic acid 110. However, the lack of signals between 3-5 ppm suggested that fewer 

glycosides were present on the leaves.  

S. aemula “Purple Fandancer” was purchased from Bunnings and cultivated in Perth from 

September 2019 to January 2021 (Figure 2.11). Fresh leaves were collected directly from 

the plant and steeped in Et2O for 20 mins. The ether extract was filtered to remove detritus 

and the filtrate was concentrated under reduced pressure to afford a white waxy oil in 0.10% 

yield. The 1H NMR spectrum of the crude oil was similar to that of S. aemula “Bondi Blue” 

and indicated that multiple compounds were present, including ursolic acid 110 and 

oleanolic acid 116. The spectrum was almost identical to that of “Bondi Blue”, with some 

variation in the relative quantity of some compounds.  
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Figure 2.11. S. aemula “Purple Fandancer” growing in Perth, Western Australia. 

2.5 Scaevola albida “White Carpet” 

S. albida “White Carpet” is a cultivar of Scaevola albida and is a low-lying shrub that 

closely resembles S. aemula. S. albida is commonly found in Queensland, New South 

Wales, Victoria and Tasmania.[81] It is a ground cover plant that grows between 0.1 to 0.2 

m in height. It typically flowers in spring or early summer with small white flowers (Figure 

2.12).[4a]  

 

Figure 2.12. S. albida “White Carpet” growing in Perth, Western Australia. 
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S. albida “White Carpet” was purchased from Bunnings and cultivated in Perth from March 

2019 to July 2021. Fresh leaves were collected directly from the plant and steeped in Et2O 

for 20 minutes. The ether extract was filtered to remove detritus and the filtrate was 

concentrated under reduced pressure to afford a yellow powder-like solid in 0.26% yield. 

The 1H NMR spectrum of the crude oil was almost identical to that of S. aemula, containing 

a multitude of compounds. The crude oil was purified by column chromatography to afford 

a white solid. The 1H NMR indicated that it was a mixture of ursolic acid 110 and oleanolic 

acid 116 like that found in Scaevola aemula.  

S. aemula and S. albida “White Carpet” both had a similar leaf shape and size, with the 

primary difference being that Scaevola aemula had purple flowers while S. albida White 

Carpet had white flowers. The similarity in the leaf shape and size seemed to be reflected 

in the natural products composition of the leaf surfaces (Figure 2.13). 

 

Figure 2.13. 1H NMR spectra of Scaevola aemula and Scaevola albida “White Carpet”. 

In contrast, the leaf shape and size of Scaevola aemula “Bondi Blue” and Scaevola aemula 

“Purple Fandancer” were similar to each other, but differed significantly from that of 

Scaevola aemula and Scaevola albida “White Carpet”. The natural product composition of 

S. albida 

“White Carpet” 

S. aemula 
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“Bondi Blue” and “Purple Fandancer” reflected this difference, containing primarily 

triterpenes with a substantially reduced quantity of glycosides visible in the 1H NMR 

spectra (Figure 2.14). Therefore, differences in the leaf shape and size of plant species or 

cultivars have a greater impact on the natural products composition of the plant leaves than 

differences in the flower colour.  

 

 

Figure 2.14. 1H NMR spectra of S. aemula “Bondi Blue” and S. aemula “Purple Fandancer”. 

2.6 Goodenia varia 

G. varia is a shrub native to southern Western Australia. It is typically found along coastal 

cliffs, in sand and in sand dunes. The plant can grow to a height of 1.0 m and has yellow 

flowers that bloom from October to November (Figure 2.15).[82] G. varia has been reported 

to have been used by First Nations people for medicinal purposes. Mothers used the leaves 

of the plant to put their children to sleep on long journeys. The leaves of the plant were 

rubbed on the fingers and under the fingernails of the children, so when the children sucked 

on their fingers, they would fall asleep, allowing them to be carried more easily.[4a] 

S. aemula 

“Bondi Blue” 

S. aemula 

“Purple Fandancer” 
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Figure 2.15. G. varia growing in Perth, Western Australia. 

G. varia was purchased from Kings Park and cultivated in Perth from March 2019 to July 

2021. Fresh leaves were collected directly from the plant and steeped in Et2O for 20 

minutes. The ether extract was filtered to remove detritus and the filtrate was concentrated 

under reduced pressure to afford a white solid in 1.5% yield. The 1H NMR spectrum of the 

crude product contained multiple products. The presence of signals between 5.00 and 6.00 

ppm and indicated the presence of vinylic hydrogens and signals located between 3.00 and 

4.50 ppm suggested that polar functional groups were present in the compounds. The crude 

solid was triturated with ethyl acetate to afford an off-white solid. The 1H NMR of the solid 

was consistent with that of ursolic acid 110. 

The filtrate was then partitioned using acid-base chemistry to separate the components of 

the crude extract into carboxylic acids, phenols and neutral compounds. The 1H NMR 

spectrum of the carboxylic acids fraction indicated that one main compound 117 was 

present in reasonably high purity. Further purification would provide greater clarity, but 

purification of carboxylic acids using silica gel flash chromatography can result in 

significant yield loss due to acid-base interactions between carboxylic acids and silica gel. 

To minimise yield loss, the carboxylic acids fraction was esterified using diazomethane to 

afford the methyl ester 118 which would act as a protected carboxylic acid.  

Diazomethane is a selective method of generating methyl esters from carboxylic acids. 

Other esterification methods, such as using MeI, possess selectivity issues if the compound 

contains other nucleophilic functional groups such as amines or alcohols that can be 

methylated. Diazomethane can be generated through decomposition of N-nitroso-N-

methylurea in the presence of a strong base like KOH in Et2O. Upon addition to the 
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Figure 2.16. Analysis of malonate component of compound 118. 

Two signals at 132.2 and 137.1 ppm in the 13C NMR spectrum were characteristic of vinylic 

carbons. Two doublets at 5.51 and 5.72 ppm in the 1H NMR spectrum that each integrated 

for 1H and correlated to the signals at 132.2 and 137.1 ppm respectively in the HSQC 

spectrum suggested that the compound contained a di-substituted alkene. Both vinylic 

hydrogens correlated to multiple other carbon signals in the HMBC spectrum, indicating 

that it was an endocyclic alkene. The HSQC and HMBC spectra suggested that the primary 

alcohol was in close proximity of the alkene. The molecular formula was confirmed by 

HRMS as having an exact mass of 405.2631 m/z which was consistent with the [M+H]+ 

molecular ion of C24H36O5, which indicated that the compound had seven degrees of 

unsaturation. The alkene and two ester carbonyl groups accounted for three degrees of 

unsaturation, indicating that the compound contained four rings. Based on the 1H NMR, 

13C NMR and FTIR spectra, the compound was tentatively assigned as ent-17-

hydroxybeyer-15-ene methyl malonate 118 (Figure 2.17).  
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Figure 2.17. Analysis of malonate ester beyerene 118. Red lines are HMBC correlations. Blue lines 

are COSY correlations. 

The structure of the precursor malonic acid ester of beyerene 117 could then characterised 

based on the structural information from beyerene 118 (Figure 2.18). The stereochemistry 

of the malonic acid ester was confirmed through a comparison with the literature. Quaglio 

et al. reported the S configuration of the malonic acid ester of erythroxylol A 119  and the 

spectral data of the malonic acid moiety differed from that of proposed malonic acid ester 

beyerene 117 (Figures 2.18 and 2.19).[83] Malonate esters occur less frequently in nature 

than succinate esters, so the occurrence of the malonic acid ester is intriguing and may serve 

a biological purpose. 

 

Figure 2.18. Analysis of malonic acid ester beyerene 117. Red lines are HMBC correlations. Blue 

lines are COSY correlations. 
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Figure 2.19. Analysis of erthroxylol A malonic acid ester 119 synthesised by Quaglio et al.  

The neutrals fraction was purified by flash chromatography to afford four different 

compounds. The first compound was isolated as a colourless oil. The 13C NMR spectrum 

contained 22 signals. The molecular formula was confirmed by HRMS as having an exact 

mass of 347.2581 m/z, which was consistent with the [M+H]+ molecular ion of C22H34O3. 

The 1H NMR spectrum was similar to that of the beyerene 118, except the malonate ester 

signals were absent. An extra singlet at 2.03 ppm was also present that integrated for 3H. 

The FTIR spectrum showed a two overlapping ester carbonyl peaks at 1720 and  

1737 cm-1, and a broad absorbance at 3414 cm-1, characteristic of an alcohol. The spectral 

signals were consistent with an acetate group bonded to a methylene (CH2OCOCH3). The 

HMBC showed that the methyl group at 2.03 ppm was attached to the carbonyl carbon, 

confirming the presence of an acetate. The HMBC spectrum showed that methylene bonded 

to the acetate was attached to the same quaternary carbon as the methyl signal at 0.94 ppm. 

A combination of FTIR, 1H NMR and 13C NMR spectroscopy suggested that compound 

120 was the acetate analogue of beyerene 117 (Figure 2.20). Acetate beyerene 120 has not 

been previously identified. 
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Figure 2.20. Analysis of acetate beyerene 120. Red lines are HMBC correlations. Blue lines are 

COSY correlations. 

The next compound was isolated as a white solid. The 13C NMR spectrum contained 20 

carbon signals. The molecular formula was confirmed by HRMS as having an exact mass 

of 305.2471 m/z which was consistent with the [M+H]+ molecular ion of C20H32O2. The 

FTIR spectrum showed a broad absorbance at 3363 cm-1 which is characteristic of an 

alcohol, and no carbonyl peaks were visible in the spectrum.   The 1H NMR spectrum 

looked similar to that of beyerenes 118 and 120, except the signals associated with the 

malonate ester or acetate were absent. An AB splitting pattern at 3.44 and 3.77 ppm 

indicated the presence of a primary alcohol adjacent to an asymmetric centre. The HMBC 

spectrum showed that the methylene of the primary alcohol was bonded to the same 

quaternary carbon as the methyl at 0.97 ppm. A combination of FTIR, 1H NMR and 13C 

NMR spectroscopy suggested that compound 121 was the diol derivative of beyerenes 117 

and 122 (Figure 2.21). Abad et al. reported the synthesis of the enantiomer of the proposed 

structure for beyerene 122, erythroxydiol A, showing almost identical NMR shifts.[84] 

However, the specific rotation reported for erythroxydiol A was -14.0º (CHCl3, 0.7 c), 

while for beyerene 121 it was +38.7º (CHCl3, 0.9 c), indicating that the diol beyerene 121 

was likely the enantiomer of erythroxydiol A.  It is worth noting that the diol beyerene 121 

is potentially an artefact of isolation produced by hydrolysis of the acetate beyerene 120 or 

the malonic acid ester beyerene 117. 
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Figure 2.21. Analysis of diol beyerene 121. Red lines are HMBC correlations. Blue lines are COSY 

correlations. 

A mixture of two compounds was isolated from the column chromatography and further 

chromatography afforded two products. Sufficient material could only be isolated from the 

column for 1H NMR spectroscopy and HRMS. Compound 122 was isolated as a colourless 

oil. The FTIR spectrum showed a broad absorbance at 3357 cm-1 that was characteristic of 

an alcohol. The molecular formula was confirmed by HRMS as having an exact mass of 

289.2524 m/z which was consistent with the [M+H]+ molecular ion of C20H32O. The 1H 

NMR spectrum was similar to that of diol beyerene 121. One AB splitting pattern, 

characteristic of a primary alcohol, was absent and an extra methyl group was present. An 

AB splitting pattern at 3.77 and 3.44 ppm was similar to that of the typical C19 hydroxyl 

group, suggesting that the C17 hydroxyl group was absent. The extra methyl group is likely 

in the C17 position instead. The compound was tentatively assigned as erthyroxylol A 122 

(Figure 2.22).[85] 
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contained 20 carbon signals. The molecular formula was confirmed by HRMS as having 

an exact mass of 319.2269 m/z which was consistent with the [M+H]+ molecular ion of 

C20H30O3.  The 1H NMR spectrum was similar to that of beyerenes 120 and 123. Only one 

set of doublet signals was present between 3.0 and 4.0 ppm, indicating that either the C17 

or C19 primary alcohol was absent. Two singlets at 0.68 and 1.25 ppm that each integrated 

for 3H showed that only two methyl signals were present in the molecule. The absence of 

a third methyl signal suggested that neither the C17 or C19 positions were a methyl like in 

beyerenes 122 and 123. A signal at 68.8 ppm in the 13C NMR and DEPT135 spectra 

confirmed the presence of a primary alcohol. The HSQC and HMBC spectra showed that 

the primary alcohol was in close proximity to the endocyclic alkene, indicating that the 

alcohol was in the C17 position. The HMBC spectrum showed that the methyl at 1.25 ppm 

correlated to the carboxylic acid carbonyl signal at 183.7 ppm, suggesting that the 

carboxylic acid was located in the C19 position. Therefore, based on the FTIR, 1H and 13C 

NMR spectroscopic data, the structure was assigned as ent-17-hydroxybeyer-15-en-19-oic 

acid 124 (Figure 2.24). Beyerene 124 has not been previously identified.  

 

 

Figure 2.24. Analysis of ent-17-hydroxybeyer-15-en-19-oic acid 124. Red lines are HMBC 

correlations. Blue lines are COSY correlations. 
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2.7 Conclusions 

The natural product composition of the leaves of several plants from the Scaevola and 

Goodenia genera were investigated. Ursolic acid 110 and oleanolic acid 116 were found in 

all Scaevola and Goodenia plants that were investigated, indicating that it was a common 

compound produced by the plants. The natural product composition of the leaves in S. 

aemula cultivars and S. albida was heavily influenced by the leaf shape and size. S. aemula 

and S. albida “White Carpet” differed primarily by flower colour, and possessed highly 

similar natural products compositions. In contrast, S. aemula “Bondi Blue” and S. aemula 

“Purple Fandancer”, which possessed similar leaves, had leaves of a different shape and 

size to S. aemula and S. albida “White Carpet” and this difference was reflected in the 

natural products composition. The novel glycoside α-bisabolol β-D-ribofuranose 111 was 

isolated from S. nitida “Aussie Spirit”. Six ent-beyerene species were isolated from the leaf 

resin of G. varia including the three novel compounds beyerenes 117, 120 and 124. 

  



58 
 

Chapter 3 

Development and application of 

vibrational spectroscopic methods to 

investigate natural products in the leaf 

surface resin of Scaevola and Dodonaea 

species 

 
Vibrational spectroscopic techniques such as FTIR imaging and Raman microscopy have 

been increasingly used in the plant sciences, particularly to study chemical and biophysical 

characteristics of biopolymers (e.g., cellulose, lignin). Vibrational spectroscopy techniques 

are well suited to study biopolymers in the plant sciences as they provide direct, in situ, 

reagent free, and spatially resolved chemical analysis. Such capability allows study of 

biological molecules in, or as close as possible to, their native state, drastically reducing 

artefact formation or specimen damage. Despite the immense potential of vibrational 

spectroscopy for analyses in the plant science, few studies have extended application 

beyond biopolymers. However, the same capabilities that make vibrational spectroscopy 

well suited to study biopolymers, also lend the technique to analysis of other chemical 

components in plant tissues, e.g. natural products on leaf surfaces. This chapters explores 

the development and application of vibrational spectroscopy methodology for eventual 

application to natural products in the plant sciences, specifically to study the surface resin 

of Scaevola and Dodonaea species.  

3.1 General considerations for the preparation of biological samples 

The ultimate goal for all bioanalytical analysis is measurement and detection of analytes in 

the in vivo state, with no sample preparation or perturbation of the biological system. 

Unfortunately, this is almost always unachievable or impractical, and therefore, some form 

of sample preparation is required prior to analysis. This is particularly true when using 

various forms of microscopy to analyse biological tissues. The type of sample preparation 

varies depending on the analysis type and the analyte being investigated. Vibrational 

microscopy techniques such as FTIR imaging and Raman microscopy are advantageous, as 
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they can be routinely conducted under ambient conditions and do not require extensive 

sample preparation, or the addition of reagents to stain the tissue. 

Conventionally, sample preparation for optical microscopy analysis involves two main 

steps: embedding and fixation. Embedding refers to the medium used to hold a specimen 

in place allowing for sectioning of the specimen. Fixation refers to treatment of the 

specimen to prevent degradation of the specimen due to factors such as exposure to oxygen, 

or enzymatic activity. Many fixation techniques involve chemical treatment however, 

which can lead to artefacts in biological specimens, so chemical fixation was avoided.[33] 

A number of embedding media are available for use with plant tissue, including paraffin 

and polyester waxes, epoxy resins and optimal cutting temperature medium (OCT). 

Paraffin and polyester wax embedding are common embedding medium, with paraffin wax 

likely the most common. Wax embedding allows for simultaneous fixation and embedding 

of the specimen, and greatly simplifies the sectioning process, which can be undertaken 

with a high degree of precision at room temperature. For example, Santi et al. uses paraffin 

embedding for laser microdissection of grapevine leaves to investigate phloem infected by 

stolbur.[86] Paraffin embedding poses a number of issues. Paraffin wax is composed of 

lipophilic long chain hydrocarbons, so a transitional fluid is required to allow penetration 

into much more hydrophilic biological tissues. Transitional fluids, such as toluene and 

xylene, can be used, but this may result in leaching of lipophilic compounds from the tissue, 

including natural products.[87] Paraffin embedding must also be done at high temperatures 

(60 C) due to the higher melting point of paraffin wax, which would likely cause the 

degradation of many natural products. Polyester waxes are an alternative to paraffin waxes 

and are composed of fatty acid esters of polyethylene glycol. Polyester waxes have a lower 

melting point than paraffin wax (40ºC) and transitional fluids are unnecessary because the 

wax is soluble in ethanol. However, for both paraffin and polyester wax embedding 

methods, dehydration of the specimen using ethanol is necessary. Ethanol will solubilise 

and leach many natural products from plant tissue, and is therefore, unsuitable for 

investigation of natural products. 

Similar to paraffin and polyester waxes, epoxy resins can be used as an embedding medium. 

Epoxy resins typically consist of three components: an epoxy resin solution, a hardening 

agent and an accelerator.[87] The epoxy resin consists of an aliphatic or aromatic epoxide. 

The hardening agent is a reagent that forms a hard cross-linked polymer upon heating. The 
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accelerator is used to decrease curing times and temperatures. Epoxy resins are commonly 

used in light and transmission electron microscopy. Many epoxy resins do not require as a 

transitional solvent and are soluble in ethanol or acetone.[87] However, similar to polyester 

waxes, the use of a solution of epoxy resin in solvents such as ethanol and acetone will 

result in leaching of natural products. Consequently, epoxy resins are unsuitable as an 

embedding medium for the purposes of natural products microscopy. A recent example was 

seen with McDonald, using epoxy resin embedding for the analysis of cryofixed biological 

specimens.[88] 

OCT is an embedding medium composed of polyvinyl alcohol, polyethylene glycol and 

other non-reactive ingredients.[89] OCT is used for cryosectioning of specimens, because it 

solidifies at temperatures below -10ºC, allowing for embedding of the specimen. OCT 

provides the advantage of not dulling microtome blades and does not leave residue if 

specimen fixation is required. 

Many biological tissues/samples have sufficient thickness to be opaque to the microscopy 

measurement of choice, which either impedes analysis or degrades image resolution. 

Therefore, another important consideration with respect to sample preparation for 

microscopy analysis is the thickness of tissue sections. Plant cells are typically larger than 

animal cells, ranging from 10 to 100 μm in size. Therefore, section thickness should be 

below the plant cell size to allow for visualisation of the internal plant cell (e.g. 50 µm).  

3.2 Optimisation of sample preparation methods  

Preliminary investigation of S. crassifolia involved mapping the distribution of natural 

products in the surface leaf resin as a cross section of the plant. Specimen preparation of S. 

crassifolia leaves was conducted using OCT and a cryomicrotome at -18ºC, because 

paraffin and polyester wax, and epoxy embedding mediums were unsuitable. The top of 

the leaves were removed so that the stem and a small part of the leaf body remained (Figure 

3.1). The cut leaf was flash frozen using liquid nitrogen and then the stem was embedded 

in OCT for sectioning. The leaves were flash frozen to ensure the leaves were rigid enough 

to be sectioned. The whole leaf was not embedded in OCT to ensure that the surface leaf 

resin remained undisturbed and was not at risk of leaching by OCT. Sections of 10 μm 

thickness were prepared to allow for visualisation and analysis of the surface leaf resin. 
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Figure 3.1. S. crassifolia leaf with top half cut off in preparation for sectioning. 

Flash freezing of S. crassifolia leaves in liquid nitrogen and embedding of the stem in OCT 

was effective for analysis of the surface leaf resin, but was unsuitable for analysis of whole 

plant cells. Plant cells contain vacuoles that occupy a large volume of the cell. The vacuoles 

serve several purposes, including storage, waste disposal and maintaining the turgor 

pressure of the cell. The vacuoles contain large quantities of water and flash freezing of 

plant tissue causes the water in the cells to freeze. The rapid formation of ice (and associated 

expansion) causes the cells to rupture, leading to the destruction of the cells upon thawing 

and loss of the cell structure.[90]  

Room temperature sectioning was a potential alternative to cryosectioning, which would 

prevent ice damage to the plant tissue. Manual sectioning of plant leaves using a razor blade 

was attempted. Sectioning of the plant leaf was possible, but the section thickness were 

variable and the inconsistency made the sections unsuitable for use with microscopy 

analysis. Sectioning at room temperature can also be conducted using a standard 

microtome. Sectioning leaves without use of an embedding medium was unsuccessful due 

to the flexibility of the fresh leaves. Traditional embedding media such as paraffin and 

polyester waxes or epoxy resins are unsuitable for natural products research, so an 

alternative was required. The Commonwealth Scientific and Industrial Research 

Organisation (CSIRO) reported a method for the use of carrot as a pseudo-embedding 

medium for sectioning.[91] Leaf tissue sections were placed within a wedge cut into a section 

of carrot to hold the leaf in place. The leaf was then sectioned while embedded in the carrot. 

The sectioning technique was partially successful, but difficulties were encountered due to 

the difference in rigidity between the carrot and the leaf (Figure 3.2). The leaf was more 

flexible than the carrot, so would section less effectively than the surrounding carrot. Carrot 

juice also leeched into the leaf sections, resulting in contamination of the leaf tissue with 

compounds such as β-carotene.  
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Figure 3.2. S. crassifolia leaf embedded in a carrot (A-B). (A) Side view and (B) top down view. 

Room temperature sectioning of plant leaves resulted in inconsistent section thickness and 

contamination, so an alternative method using OCT was explored. A small section of plant 

leaf was embedded in OCT orthogonal to the chuck and allowed to solidify. Additional 

layers of OCT are applied to the leaf section until the whole leaf section is embedded in 

OCT. The layering approach allows for a more gradual cooling of the plant leaf and 

provides a solid support which reduces the likelihood of the leaf crumbling during 

sectioning. The thickness of sections greatly impacted the ease of sectioning. Stability of 

sections of 20 μm or below was low and easily disintegrated upon sectioning. Sections that 

had a thickness of 30 μm or more were substantially more stable and were sectioned more 

easily. A thickness of 50 μm provided the most stable sections, but some difficulties were 

encountered with curling of the tissue sections due to the thickness of the tissue section. 

3.3 Investigation of the capability of Raman microscopy for sub-cellular 

biochemical imaging 

Confocal Raman microscopy allows for the non-destructive spectroscopic mapping of 

biological samples, providing extensive spatially resolved biochemical information. The 

sub-micron spatial resolution achieved by confocal Raman microscopy is well suited to 

analysis of the subcellular distribution of biomolecules. The onion epidermis has been used 

extensively as a plant model in biology and spectroscopy.[92] In particular, onion epidermis 

has been used as a model specimen for surface enhanced Raman spectroscopy, such as the 

work by He et al. and Palanco et al.[92b, 92c] The ease of sample preparation and low 

A B
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3.4 Preliminary investigation of spectroscopic markers of natural 

products using vibrational spectroscopy 

Raman spectroscopic markers for natural products found on the surface of the leaves of a 

variety of plants were investigated. The surface of S. crassifolia leaves were analysed first, 

due to the presence of high quantities of caryophyllenes. Schulz et al. reported that the 

caryophyllene strained alkene C=C stretching band was visible at 1671 cm-1 in Raman 

spectra along with the exocyclic alkene C=C stretching band at 1632 cm-1.[70] The 1671 cm-

1 C=C stretching band would then be suitable as a Raman spectroscopic marker, because it 

is suitably removed from the carbonyl region at ~1700 cm-1 and the standard alkene C=C 

region at 1630 cm-1.[70] 

The green 532 nm excitation was used again for analysis. Autofluorescence poses a 

significant issue for excitation wavelengths in the green colour range (514.5 to 550.0 nm). 

Chlorophyll, phenols and a variety of other compounds fluoresce in the green colour range, 

resulting in the occurrence of significant autofluorescence. This was most obvious when 

attempting to analyse the leaf surface of S. crassifolia. Attempts at minimising 

autofluorescence were made, and are described separately in Section 3.8. Very few distinct 

peaks were visible in the Raman spectrum due to the overwhelming autofluorescence. 

However, some peaks were visible at 1522, 1158 and 1007 cm-1, which corresponded to 

C=C stretching, C-C stretching and C-C in-plane rocking, respectively, of carotenoids 

(Figure 3.4).[70] Carotenoids are a type of tetraterpene, with more than 1100 different 

compounds reported to date.[93] They are commonly found as pigments in a variety of plants 

and fungi, with the most well-known example being β-carotene 125 (Figure 3.5). The 

strained alkene signal of caryophyllenes was not visible in the Raman spectrum collected 

directly from the surface of intact leaves, due to autofluorescence from endogenous 

fluorophores, so direct imaging of the leaf surface was not a viable detection method.  
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Figure 3.9. Raman spectroscopic imaging (A-F) of S. crassifolia leaf resin. (A) Bright field image 

of a S. crassifolia plant cell, and the surface leaf resin (B) Raman spectroscopic map of the phenol 

distribution (area under the curve aromatic C = C stretching bands, centred at 1600 cm-1), (C) 

Raman spectroscopic map of the caryophyllene distribution (area under the curve strained C = C 

stretching band centred at 1667 cm-1), (D) Composite Raman spectroscopic map of caryophyllene 

and phenol distribution, (E) representative Raman spectrum of caryophyllene distribution, (F) 

representative Raman spectrum of phenolic distribution. Black arrows indicate key peaks. Scale 

bars are 4 µm. To improve S/N in individual Raman spectra (panel E and F) have been smoothed 

with a 13 point Savitzky-Golay smoothing function. 

3.6 Analysis of additional biospectroscopic markers in plant leaf tissue 

using Raman microscopy 

The autofluorescence due to the presence of fluorescent natural products, such as 

flavonoids, was largely masking the presence of other natural products on the surface of 

the plant leaves. As a result, the spectroscopic mapping of different metabolic 

biospectroscopic markers in plant cells in leaf tissue sections was also investigated. The 

quantities of natural products inside the plant leaf tissue are significantly lower than that on 

the leaf surface. However, localised regions of target natural products within the plant cell 

may be detectable with less interference from other fluorescent natural products. 

Plant leaves contain a variety of different types of tissues and cells, including dermal tissue, 

ground tissue, and vascular tissue.[96] Dermal tissue includes the cuticle and epidermal cells, 

which protect the plant from external threats. Ground tissue includes palisade parenchyma, 

bundle sheath parenchyma and spongy mesophyll cells. Finally, vascular tissue includes 

the xylem and phloem, which transport water and nutrients throughout the plant. 

Spectroscopic mapping of xylem and phloem using Raman microscopy has been 

extensively reported, which provided a convenient means to optimise the experimental set 

up for analysis of the plant leaf sections. Analysis of a section of the xylem and phloem 

cell wall in a 50 μm thick S. crassifolia leaf section showed C-H stretching bands (2850-

3000 cm-1) attributed to the composite of cellulose and hemicellulose (Figure 3.10). The C-

H stretching bands observed were consistent with the values reported by Dinant et al. for 

the xylem of wild-type Arabidopsis floral stem.[97] 
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3.8 Exploration of 3D confocal Raman imaging of plant leaf tissue 

Spectroscopic mapping of the surface of a biological sample using FTIR and Raman 

microscopy can provide a wealth of chemical information, including the spatial distribution 

of biomolecules. However, the spectra that are acquired using a standard area scan are only 

two dimensional. Many biological samples possess complex three-dimensional structures, 

so a two-dimensional spectroscopic map of a sample only provides chemical information 

about the region of the sample that is within the focal point of the light source, which is 

especially apparent with confocal Raman microscopy. However, confocal Raman 

microscopy allows for the three-dimensional imaging of samples by imaging a sample in 

“virtual-slices”, with each slice corresponding to a different focal point. Three dimensional 

(3D) Raman imaging has increased in popularity over the last two decades and is being 

used in areas such as materials science and biomedical research. Kalleptis et al. used 3D 

Raman imaging to visualise the cell shape, cytoplasm, nucleus, protein rich clusters and 

other regions of interest in pluripotent stem cells and monocytes/macrophages in 

conventional culture systems.[101] Similarly, Majzner et al. used 3D Raman imaging to 

study the biochemical and structural components of isolated endothelial cells and 

endothelial cells in vascular tissue.[102] However, despite the wealth of information 

provided by 3D Raman imaging, limited work has been conducted on plant tissue and has 

primarily involved analysis of biopolymers like lignin. In particular, Chu et al. reported the 

use of 3D Raman imaging to monitor the structural and chemical changes to Miscanthus x 

giganteus upon treatment with sodium hydroxide.[103] 

The lack of existing literature indicated that the potential of 3D Raman imaging of plant 

tissues had yet to be fully explored, and further method development could be conducted. 

The technique also had the potential to detect localised areas of natural products or 

biomolecules that may have been missed with 2D spectral imaging or altered/removed 

during physical sectioning of the tissues. Preliminary imaging experiments were conducted 

on the cell walls of a 50 μm section of S. crassifolia tissue, because ligno-cellulose 

materials are well characterised and in high abundance in plant cells. The prominent C-H 

stretching band at 2930 cm-1 was a useful biomarker for cellulose and allowed for the 

successful 3D imaging of a cell wall junction between cells, by excitation with the 532 nm 

green laser (Figure 3.19). The visualisation of the C-H stretching band showed that the cell 

wall junction possessed a hollow cavity in the centre with bottom consisting of ligno-

cellulose. Visualising the hollow cavity structure highlighted the potential of 3D Raman 
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3.9 Investigation of synchrotron FTIR microspectroscopy for the 

biochemical mapping of plant leaf tissue 

Analysis of plant leaf tissue using Raman microscopy had demonstrated that inherent 

difficulties in overcoming autofluorescence from endogenous fluorophores and fluorescent 

natural products. FTIR spectroscopy, however, does not generate autofluorescence due to 

the low energy of infrared light being insufficient for electronic excitation of molecules. 

FTIR spectra of the leaf surface of plants with known natural product compositions were 

collected to determine whether viable spectroscopic markers were visible on the surface, 

where high concentrations of natural products were available. 

S. crassifolia is known to possess large quantities of flavanones and caryophyllenes in the 

surface leaf resin. The strained endocyclic alkene of caryophyllenes are known to have a 

higher C=C absorbance at 1670 cm-1, attributed to the strain caused by the E conformation. 

Analysis of the leaf surface of S. crassifolia by ATR-FTIR showed strong absorbance at 

1600 and 1630 cm-1, which were characteristic of the C=C stretches for alkenes in  

α,β-unsaturated systems and substituted alkene systems, respectively. However, a clearly 

resolved absorbance band at 1670 cm-1 was not visible. FTIR spectra can be derived to 

provide the second derivative spectrum, as an approach to spectral deconvolution. The 

second derivative spectrum provides an apparent increase in spectral resolution, at the 

expense of increased noise. In the second derivative FTIR spectrum, a small peak at 1674 

cm-1 was visible, which had not previously been visible due to spectral overlap with the 

large absorbance band at 1630 cm-1 (Figure 3.4). Therefore, the caryophyllene strained 

alkene was visible in FTIR spectra, but required processing using the second derivative for 

analysis. 
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Withana-Gamage reported the use of synchrotron FTIR microscopy to map the distribution 

of protein in Arabidopsis seed tissues,[108b] but the FTIR spectroscopic mapping of protein 

storage vacuoles in plant leaf tissue has not been previously reported.  

3.10 Conclusions 

This chapter has investigated capabilities of confocal Raman microscopy and synchrotron 

FTIR microspectroscopy for spectroscopic mapping of natural products in plant leaf tissue. 

An effective method for the preparation of leaf tissue for spectroscopic mapping was 

developed, using layered OCT and a cryomicrotome. Synchrotron FTIR microspectroscopy 

was determined unsuitable for mapping of low abundance natural products in plant leaf 

tissue due to a lack of chemical specificity that results from the overwhelming spectral 

overlap with other biomolecules. However, the distribution of protein storage vacuoles in 

plant leaf tissue was mapped using synchrotron FTIR microspectroscopy for the first time. 

Confocal Raman microscopy, using a 532 nm and 633 nm laser, was ineffective for the 

detection of low abundance natural products on the plant leaf surface and in plant leaf tissue 

due to autofluorescence from endogenous fluorophores. A longer wavelength laser, such 

as a near infrared 785 nm or 1064 nm laser, would potentially show greater success, due to 

the wavelength being outside the absorbance regions of most molecules. However, a 

method was successfully developed to allow for spectroscopic mapping of leaf tissue resin 

and the distribution of caryophyllenes was successfully mapped using confocal Raman 

microscopy in the leaf resin S. crassifolia Confocal Raman imaging using the 532 nm laser 

allowed for the first reported mapping of the distribution of phenylalanine and fatty 

acid/lipids in plant leaf tissue. A method for the 3D Raman imaging of plant leaf tissue was 

successfully developed, allowing for the 3D spectroscopic imaging of ligno-cellulose, 

phenylalanine and fatty acids/lipids in plant leaf tissue. The FTIR and Raman data, taken 

together, highlight future potential of these techniques to study proteins in living, intact 

plant tissues, possibly in 3D, but further exploration was beyond the scope of this thesis. 

Although this chapter identified that imaging natural products in plant cells in situ and in 

3D is not likely to be routinely possible using Raman or FTIR spectroscopy; this chapter 

highlighted that cryosectioning of plant tissues combined with Raman imaging of tissue 

regions not-enriched in endogenous fluorophores, such as resin surfaces in 2D tissue 

sections offers scope for natural product imaging. This is believed to be the first 

demonstration of sub-micron spatial resolution imaging of natural products in plant 

samples. 
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Chapter 4 

Synthetic and spectroscopic investigation 

of natural products from Scaevola 

crassifolia 
 

S. crassifolia, commonly known as the thick leafed fanflower, is a shrub native to Western 

Australia that is found along coastal plains, sand dunes and limestone cliffs.[111] The plant 

is an erect, viscid shrub that grows between 0.1 and 1.5 m in height. The flowers are blue 

or white and are in bloom from July to December, and from January to February. The leaves 

of the plant are covered in a thick, sticky resin. S. crassifolia has not been previously 

investigated as a source of natural products. A preliminary investigation into the natural 

products composition of this leaf resin was conducted during my Honours year. The plant 

material was collected from the grounds of Curtin University in Perth, Western Australia. 

The natural products were separated into the amines, neutrals, carboxylic acids and phenols 

through acid-base partitioning. Four major compounds were isolated from the neutrals 

fraction: 6-hydroxycaryophyllene 1, 12-acetoxy-6-hydroxycaryophyllene 2, 6,12-

dihydroxycaryophyllene 3 and 1,4-dihydroxy-α-bisabolol-2,10-diene 137 (Figure 4.1). A 

mixture of two flavanones were isolated from phenols fraction: 8-prenylflavanone 138 and 

8-prenylflavanone 139 (Figure 4.1).  

 

Figure 4.1. Compounds previously isolated from S. crassifolia 
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4.1 Exploring the natural products composition of native Scaevola 

crassifolia 

A preliminary investigation into the natural products composition of S. crassifolia found at 

Curtin University had been conducted, but the plants were introduced to the campus 

externally. The natural products composition of plants are affected by the environment and 

stressors that they are exposed to, such as soil composition, soil acidity, light quantity and 

salinity.[112] As a result, the natural products composition of S. crassifolia found in its 

natural coastal environment was explored. Fresh S. crassifolia leaves were collected from 

Port Beach, North Fremantle, Western Australia on the 27th of April 2020. The leaves were 

steeped in Et2O and the compounds were partitioned using acid-base chemistry into the 

amines, carboxylic acids, neutrals and phenols. 

The neutrals fraction was purified by column chromatography to afford five compounds. 

The first compound was isolated as a colourless oil. The FTIR spectrum showed a broad 

OH absorbance at 3411 cm-1 and no carbonyl stretches. The 13C NMR spectrum contained 

30 signals, indicating that it was a mixture of compounds. The 1H NMR spectrum similarly 

looked like a mixture of compounds. Two sets of singlets at 4.77 and 4.94 ppm, and 4.89 

and 5.06 ppm that each integrated for 1H were reminiscent of the exocyclic alkenes of 

caryophyllenes. A doublet and a doublet of doublets at 5.37 and 5.45 ppm, respectively, 

each integrated for 1H, indicated the presence of the C5 vinylic hydrogen of caryophyllenes 

(Figure 4.2). Two sets of doublets were present at 3.93 and 4.17 ppm, and 3.69 and 4.12 

ppm that each integrated for 1H. The HSQC spectrum indicated that the hydrogens 

correlated to two carbons between 60 and 80 ppm, indicating the presence of two primary 

hydroxyl groups. However, the NMR spectra of the mixture of caryophyllenes was too 

complex to identify the compounds. The presence of hydroxyl groups indicated by the 

FTIR spectrum meant that the hydroxyl groups could be functionalised to separate the two 

compounds. 
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acetoxycaryophyllene 140, in 48% yield (Scheme 4.1). 12-Acetoxycaryophyllene 140 has 

been previously synthesised by Barrero et al.[48b] 

 

 

Scheme 4.1. Acetylation of 12-hydroxycaryophyllene 60. 

The precursor compound isolated from S. crassifolia was therefore 12-

hydroxycaryophyllene 60 in 0.02% yield (Figure 4.3). 

 

Figure 4.3. Analysis of 12-hydroxycaryophyllene 60. 

Interestingly, Barrero et al. reported that both 12-hydroxycaryophyllene 60 and 12-

acetoxycaryophyllene 140 existed as mixtures of the βα and ββ conformers, which are both 

visible in the 1H and 13C NMR spectra.[48b] They also reported that the ratio of the βα and 

ββ changed between the 12-hydroxycaryophyllene 60 and the 12-acetoxycaryophyllene 

141, going from a βα:ββ ratio of 42:58 to 68:32. The isolated 12-hydroxycaryophyllene 60 

had a βα:ββ ratio of 42:58 and the 12-acetoxycaryophyllene 140 had a βα:ββ ratio of 33:67, 

which both closely matched the values reported by Barrero et al.[48b] 
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A doublet of doublet of doublets and a doublet at 7.46 ppm and 7.49 ppm, respectively, 

each integrated for 1H. Similarly, a doublet at 7.00 ppm also integrated for 1H. The COSY 

spectrum indicated that all three hydrogens were coupling to each other, suggesting that 

they were part of a trisubstituted aromatic ring. The doublet at 7.49 ppm had a coupling 

constant of 2.4 Hz, suggesting that it was coupling with the doublet of doublet of doublets 

through long range coupling. In contrast, the doublet at 7.00 ppm had a coupling constant 

of 8.4 Hz, which was similar to the coupling constant of the doublet of doublet of doublets, 

indicating that these hydrogens were adjacent. 

The doublet at 6.59 ppm integrated for 1H and the HMBC spectrum showed that the 

hydrogen correlated to four quaternary aromatic signals and the ketone. The correlation to 

the ketone also suggested that the phenol was hydrogen bonded to the ketone, and was part 

of the ring. The methylene of the prenyl group correlated to carbons in the same aromatic 

ring, indicating that the prenyl group was bonded to the aromatic ring. Therefore, the 

aromatic ring was likely pentasubstituted. 

 

Figure 4.5. Analysis of fragment of unknown flavonoid 141. Red lines show HMBC correlations.  

The doublet at 6.57 ppm integrated for 1H. The HMBC spectrum showed that it correlated 

with four quaternary carbons including the ketone, but was not part of the same aromatic 

ring that the hydrogen at 6.59 ppm was a part of. However, the signal also appeared to be 

in an isolated spin system according to the COSY spectrum, suggesting that it was not part 

of the trisubstituted aromatic ring either and had long range coupling with an aromatic 

hydrogen in one of the rings. The correlation with the quaternary carbons and the ketone 

therefore indicated that the hydrogen was likely a vinylic hydrogen, such as that found in 

an α,β-unsaturated carbonyl system. Therefore, based on the FTIR, 1H, 13C and 2D NMR 

spectra, the compound was assigned as 4',5,7-trihydroxy-6-(3,3- dimethylallyl)-flavone 

141. 4',5,7-Trihydroxy-6-(3,3-dimethylallyl)-flavone 141 has been previously isolated by 



93 
 

Bohlmann et al. and the NMR spectral data is consistent.[113] However, the compound was 

incorrectly assigned by Bohlmann et al. as licoflavone C and was corrected by Kajiyana et 

al.[114] 

 

Figure 4.6. Analysis of fragment of 4', 5,7-trihydroxy-6-(3,3- dimethylallyl)-flavone 141. Red lines 

show HMBC correlations. Blue lines show COSY correlations. 

The natural products composition of S. crassifolia from Port Beach closely resembled that 

of the plants growing at Curtin University. However, the absence of 1,4-dihydroxy-α-

bisabolol-2,10-diene 137 was notable and may have been produced due to environmental 

stressors. 

4.2 Optimisation of natural products isolation from Scaevola crassifolia 

Many interesting natural products have been isolated from S. crassifolia, with a variety of 

compounds that have potential for interesting chemistry. Extraction of the leaf resin 

followed by partitioning using acid-base chemistry was used as a standard procedure. 

However, alternate extraction and partitioning methods exist, including the use of different 

solvents or solid phase separation methods. For example, Moustafa et al. used EtOH for 

the extraction of the dried aerial components of C. procera.[28] Consequently, the effect of 

solvents, extraction times and extraction methods was investigated for extracting the leaf 

resin of S. crassifolia The extraction efficiency was determined by measuring the mass of 

extracted material and analysing the 1H NMR spectrum of the extract to determine the 

chemical composition. 
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First, different solvents were trialled using a standard 20 min extraction time. Extraction 

using Et2O, CH2Cl2 and EtOH yielded similar chemical compositions based on the 1H NMR 

spectra (Figure 4.7). However, the yields of Et2O and EtOH were significantly higher than 

that of CH2Cl2 at 2.47% and 2.24% versus 1.83% (Table 4.1). However, the higher yield 

from the EtOH extraction was attributed to the presence of residual EtOH in the extract.  

 

 

Figure 4.7. 1H NMR spectra of EtOH (blue), CH2Cl2 (green) and Et2O (maroon) extracts of S. 

crassifolia leaves. 

The PS extract was significantly lower in yield at 0.29% and contained primarily 

compounds from the neutrals fraction, with trace amounts of phenols visible  

(Figure 4.8) (Table 4.1). The lower yield and selective extractions of neutrals compounds 

indicated that the PS was too non-polar for extraction of many of the compounds found in 

the leaf resin. 

EtOH 

CH2Cl2 

Et2O 
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Figure 4.8. 1H NMR spectrum of PS extract of S. crassifolia leaves. 

Extraction using deionised water for 20 mins was similarly low yielding, but interestingly 

the 1H NMR spectrum showed that the dihydroxycaryophyllene 3 was almost exclusively 

extracted from the leaves (Figure 4.9). To determine if the yield could be improved, the 

deionised water extraction was repeated except the extraction time was increased to  

24 hours. The yield increased significantly from 0.03% to 0.43% (Table 4.1). The 1H NMR 

spectrum indicated that along with the dihydroxycaryophyllene 3, flavonoids were also 

being extracted through the increased extraction time, based on the presence of hydrogen 

bonded phenol signals between 12 and 14 ppm (Figure 4.9). The presence of phenols in the 

aqueous extract suggested that rain has the potential to leach phenols from the leaf resin. 
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The neutrals fraction of the leaf extract contains the caryophyllenes, which were both of 

synthetic and spectroscopic interest. Consequently, a method to remove the unwanted 

components of the plant extracts, such as the phenols fraction, would reduce the labour 

involved in the isolation of the neutrals. Activated carbon is commonly used for the removal 

of contaminants including organic pollutants and metals.[115] Activated carbon is 

particularly effective at the removal of polar organic compounds. The removal of phenols 

from the resin extract using activated carbon was therefore investigated as a less labour 

intensive method for the isolation of the neutrals fraction. Fresh S. crassifolia leaves were 

steeped in Et2O and the Et2O extract was stirred with activated carbon twice. The 1H NMR 

spectra before and after the addition of activated carbon showed that the compounds 

characteristic of the neutrals fraction remained in the extract while the phenols were mainly 

absent, showing that activated carbon was an effective method for the removal of phenols 

from the leaf resin extract (Figure 4.10). However, significant product loss is incurred 

through the use of activated carbon, with 1.356 g of extract prior to the addition of activated 

charcoal and 0.331 g after the second purification using activated carbon. Therefore, only 

a single purification step using activated carbon is recommended. 
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Figure 4.10. 1H NMR spectra of Et2O extract of S. crassifolia leaves pre- and post-purification 

using activated carbon. 

Interestingly, all the leaves after extractions using solvents apart from deionised water, had 

dried out after 24 hours, including the PS extracted leaves (Figure 4.11). The quick loss of 

water and degradation of the leaves indicates that the leaf resin played a crucial role in 

minimising water loss. 

 

Figure 4.11. S. crassifolia leaves after extraction with various solvents. 

After activated carbon 

Before activated carbon 
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Therefore, based on the experimental evidence extraction using Et2O is still the most 

effective method for the extraction of the S. crassifolia leaf resin, and activated charcoal 

can be used for purification if only the neutrals fraction is required. 

4.3 Biosynthetic investigation of birkenal 142, caryolan-1,3,4-triol 152 

and diene 154 

A preliminary investigation of the chemistry of 6-hydroxycaryophyllenes isolated from S. 

crassifolia was conducted as part of my Honours research. 6-Hydroxycaryophyllenes have 

a variety of interesting functional groups that would facilitate a variety of reactions. The 

endocyclic alkene is in a strained E configuration, resulting in it being significantly more 

reactive than the exocyclic alkene. The C6 allylic hydroxyl group is also perfectly 

positioned to undergo an allylic oxidation and generate an α,β-unsaturated ketone. 

Consequently, an allylic oxidation of the C6 hydroxyl group of 6-hydroxycaryophyllene 1 

was attempted using activated MnO2. Activated MnO2 was added to a solution of 6-

hydroxycaryophyllene 1 in dry CH2Cl2 and stirred at room temperature. After 4 hours, the 

reaction was worked up to give a colourless oil. The 1H NMR spectrum showed that an 

aldehyde had been formed as the primary product, but the compound could not be isolated 

in sufficient purity to accurately confirm the identity of the compound. The procedure was 

optimised during this PhD study, whereby the colourless oil was isolated using a weak 

vacuum and the oil was purified by column chromatography to afford compound 142 as a 

colourless oil. 

The FTIR spectrum showed no OH absorbance and a prominent carbonyl stretch at  

1725 cm-1. The 13C NMR spectrum contained 14 signals and only two vinylic signals at 

107.4 and 150.6 ppm. The 1H NMR spectrum showed that the exocyclic alkene signals had 

shifted upfield from 4.97 and 4.86 ppm to 4.77 and 4.57 ppm respectively. The vinylic 

signal at 5.25 ppm was absent indicating that the endocyclic alkene was no longer present. 

The allylic hydrogen signal at 4.56 ppm was also absent, suggesting that the allylic 

hydroxyl group was similarly absent. A prominent singlet at 9.57 ppm, indicated the 

presence of an aldehyde in an isolated spin system. A doublet of quartets and a doublet at 

2.46 and 2.60 ppm respectively that each integrated for 1H with an AB splitting pattern 

was also present that corresponded to a methylene. The HMBC spectrum indicated that the 

methylene hydrogens correlated with both the exocyclic alkene and the aldehyde, 

suggesting that the methylene was adjacent to or in close proximity to both groups. A 
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singlet at 1.04 ppm that integrated for 3H indicated the presence of a methyl and the HMBC 

spectrum showed that it strongly correlated to the aldehyde and the methylene. Therefore, 

based on the FTIR, 1H, 13C and 2D NMR spectra, the compound was assigned as the 

norsequiterpene birkenal 142 (Scheme 4.2) in 19% yield. Birkenal 142 was first isolated 

from the buds of the birch tree (Betula pubescens) by Klika et al. in 2004 and was 

synthesised by total synthesis by Hirokawa et al. in 2013.[116] 

 

Scheme 4.2. Oxidation of 6-hydroxycaryophyllene 1 using activated MnO2. 

Trace quantities of the norsesquiterpene birkenal 142 have been detected in the leaf resin 

extract of S. crassifolia. The serendipitous reaction was unexpected and solicited further 

investigation. After scouring the literature, it was apparent that 6-hydroxycaryophyllene 1 

and birkenal 142 had typically been found together, suggesting that there was a viable 

biosynthetic link between the two compounds.[117] The formation of birkenal 142 as a single 

diastereomer in the MnO2 reaction suggested that the synthesis in plants may be an abiotic 

process, rather than an enzymatic process. 

A biosynthetic mechanism for the formation of birkenal 142 has been previously postulated 

by Vedernikov et al.[118] Birkenal 142 is postulated to form through the oxidation of 

hydrocarbon 143, which is biosynthesised through a reaction between geranyl 

pyrophosphate and isopenthenyl pyrophosphate (Scheme 4.3).  
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Scheme 4.3. Proposed formation of birkenal 142 from hydrocarbon 143. 

The formation of hydrocarbon 143 has been reported by Ohloff et al. through a Cope 

rearrangement of β-caryophyllene 58. The primary product formed was isocaryophyllene 

75 in 82% yield and hydrocarbon 143 in a 10% yield along with the C4 epimer 144 in an 

8% yield (Scheme 4.4).  

 

Scheme 4.4. Proposed formation of hydrocarbon 143 from β-caryophyllene 58. 

However, other than birkenal 142, only one other oxidised derivative of hydrocarbon 143 

has been tentatively reported, the diacid 145, to date by Lutz et al (Figure 4.15).[119] 

 

Figure 4.12. Compound 145 synthesised by Lutz and Reid.[119] 
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The lack of direct synthesis of birkenal 142 from β-caryophyllene 58 or hydrocarbon 143 

and the observed formation of birkenal 142 from 6-hydroxycaryophyllene 1, suggested that 

an alternate synthetic pathway was occurring. The formation of an intermediate was 

observed during the formation of birkenal 142 through careful monitoring of the reaction 

using TLC and 1H NMR spectroscopy. Isolation of the intermediate would provide valuable 

insights into the synthetic mechanism for the formation of birkenal 142. Activated MnO2 

was added to a solution of 6-hydroxycaryophyllene 1 in dry CH2Cl2 and stirred at room 

temperature for 1 hour. The reaction was worked up to afford a yellow oil, and the oil was 

purified by column chromatography to afford a colourless oil. 

The FTIR spectrum of the compound showed a broad OH absorbance at 3405 cm-1 and no 

carbonyl absorbance. The 13C NMR spectrum contained 15 signals, including two signals 

in the vinylic region at 114.4 and 147.7 ppm. The 1H NMR spectrum showed that the C5 

vinylic signal of 6-hydroxycaryophyllene at 5.25 ppm was absent, indicating that the 

endocylic alkene was no longer present. The triplet of doublets at 4.56 ppm had shifted 

upfield to 3.58 ppm, indicating that it was significantly more shielded. A new doublet was 

present at 2.99 ppm that integrated for 1H. The COSY and HMBC spectra showed that the 

doublet and the triplet of doublets were coupling to each other and were likely adjacent to 

one another. The allylic methyl of 6-hydroxycaryophyllene 1 had shifted upfield from 1.60 

ppm to 1.29 ppm, indicating that it was no longer allylic, but still deshielded relative to the 

C14 and C15 methyl groups. The HMBC spectrum indicated that the C12 methyl was 

adjacent carbon that had a 3º alcohol. Therefore, based on the FTIR, 1H, 13C and 2D NMR 

spectra the compound was assigned as 4,5,6-trihydroxycaryophyllene 146 in 10% yield 

(Scheme 4.5).  
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Scheme 4.5. Synthesis of methyl triol caryophyllene 146 from 6-hydroxycaryophyllene 1. Red lines 

show HMBC correlations. Blue lines show COSY correlations. 

The stereochemistry of methyl triol caryophyllene 146 was determined through NOESY 

correlations. The NOESY spectrum showed correlations between H3β-H5, H5β-H9 and 

H9-H3β, and between H2α-H15 and H15-H6 (Figure 4.15). The correlations showed the 

triol to be a product of a syn-dihydroxylation of the exposed face of the endocyclic alkene 

in the ββ-conformation. 

 

Figure 4.13. NOESY correlations for 4,5,6-trihydroxycaryophyllene 146. 

The dihydroxylation of alkenes using activated MnO2 is rare, and can likely be attributed 

to the unique reactivity of the strained endocyclic alkene. Similar reactivity was observed 

during my Honours research, where reaction of β-caryophyllene 58 with activated MnO2 

afforded caryophyllene oxide 81 in 54% yield (Scheme 4.6). The formation of the epoxide 

suggested that the dihydroxylation potentially proceeded via a formation of the epoxide 

followed by hydrolysis of the epoxide to afford the diol. 
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Scheme 4.6. Synthesis of caryophyllene oxide 81 from β-caryophyllene 58.  

6-Hydroxycaryophyllene oxide 147 has been previously isolated by Vedernikov et al. from 

the buds of Betula pendula Roth.[120] Epoxidation of β-caryophyllene to generate 

caryophyllene oxide indicated that selective epoxidation of the endocylic alkene was indeed 

possible. The auto-oxidation of β-caryophyllene through exposure to atmospheric oxygen 

has been previously reported Sköld et al.[121] They reported that after five weeks of 

exposure, almost 50% of the β-caryophyllene had been oxidised and after 48 weeks 99% 

of the β-caryophyllene had been oxidised.[121] β-Caryophyllene oxide had been formed 

along with a number of other oxidation products. It was therefore possible that 6-

hydroxycaryophyllene oxide 147 could be similarly generated through auto-oxidation of 6-

hydroxycaryophyllene 1. A sample of crude neutrals fraction containing 6-

hydroxycaryophyllene 1 was adsorbed to silica gel and left to stand for 2 weeks. The 

adsorbed material was then purified by column chromatography to afford compound 147 

as a colourless oil.  

The FTIR spectrum for compound 147 showed a broad OH absorbance at 3449 cm-1. The 

13C NMR spectrum contained 15 signals, with two signals in the vinylic region at 114.1 

and 147.8 ppm. Three signals were between 60 and 80 ppm, indicating the presence of three 

oxyegnated carbons. The 1H NMR spectrum did not match that of methyl triol 

caryophyllene 146.  The 1H NMR spectrum showed that vinylic H6 at 5.25 ppm was absent, 

indicating that the endocyclic alkene was absent. A doublet and singlet at 5.04 and  

5.17 ppm that each integrated for 1H corresponded to the exocyclic alkene, indicating that 

the exocyclic alkene was still present. A new multiplet at 4.32 ppm that integrated for 1H 

was visible. The downfield shift indicated that hydrogen was signficantly deshielded and 

the HMBC spectrum showed a correlation to a quaternary carbon at 60.6 ppm, indicating 

the deshielded carbon was in close proximity. An overlapping doublet of doublets and a 

doublet were present at 2.90 ppm, that integrated for 2H, indicating the each signal likely 

integrated for 1H. The HSQC spectrum showed that the doublet correlated to a deshielded 

carbon at 64.4 ppm and the HMBC spectrum indicated showed that the doublet was in close 
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methyl triol caryophyllene 146 (Figure 4.16). Two doublets corresponding to the C12 

methylene had shifted upfield from 4.17 and 4.69 ppm to 3.79 and 4.32 ppm respectively, 

indicating that they were more shielded. The doublet at 5.46 ppm corresponding to H5 was 

also absent, indicating that the endocyclic alkene was no longer present. The triplet of 

doublets corresponding to H6 had also shifted upfield from 4.58 ppm to 3.64 ppm, which 

was characteristic of the methyl triol caryophyllene 146. A doublet that integrated for 1H 

was visible at 3.12 ppm that coupled with the triplet of doublets at 3.64 ppm according to 

the COSY spectrum. Therefore, based on the FTIR, 1H, 13C and 2D NMR spectra the 

compound was tentatively assigned as 12-acetoxy-4,5,6-trihydroxycaryophyllene 148 in 

63% yield (Scheme 4.8). The structure was confirmed by HRMS, which gave an exact mass 

of 313.2004 m/z for the [M+H]+ molecular ion, corresponding to a molecular formula of 

C17H28O5. 

 

Scheme 4.8. Synthesis of acetate triol caryophyllene 148 from 12-acetoxy-6-hydroxycaryophyllene 

2. Blue lines show COSY correlations. 
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Figure 4.14. 1H NMR spectra of methyl triol caryophyllene 146 and acetate triol caryophyllene 

148. 

Similar to methyl triol caryophyllene 146, the stereochemistry of acetate triol 

caryophyllene 148 was assigned using NOESY. The NOESY spectrum showed 

correlations between H5-H9, H9-H3β and H3β-H5, and between H1-H14 (Figure 4.17). 

The NOESY correlations confirmed that the stereochemistry of methyl triol caryophyllene 

146 supporting the proposed formation through a syn-dihydroxylation of the endocyclic 

alkene.  

 

Figure 4.15. NOESY correlations for acetate triol caryophyllene 148. 

Methyl  triol caryophyllene 146 

Acetate triol caryophyllene 148 
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The acetate triol caryophyllene 148 was then further reacted with activated MnO2 at reflux, 

as no further reaction had been observed at room temperature. Activated MnO2 was added 

to a solution of  acetate triol caryophyllene 148 in dry CH2Cl2 and the reaction was heated 

at reflux. After 16 hours, the reaction was worked up to give a yellow oil, which was 

purified by column chromatography to afford compound 149 and a colourless oil. 

The FTIR spectrum for the compound showed no OH absorbances and a prominent 

carbonyl absorbance at 1743 cm-1. The 13C NMR spectrum contained 16 signals. Two 

carbonyl signals were visible at 204.4 and 170.8 ppm, which were characteristic of an 

aldehyde or ketone, or an ester. Two vinylic signals were also observed at 108.5 and 149.1 

ppm. The 1H NMR spectrum closely resembled that of birkenal 142 (Figure 4.18). A singlet 

at 9.62 ppm that integrated for 1H indicated the presence of an aldehyde in an isolated spin 

system. Two signals at 4.62 and 4.83 ppm that each integrated for 1H were characteristic 

of an exocyclic alkene. The triplet of doublets and doublet at 3.64 and 3.12 ppm, of 148, 

were absent, reinforcing the absence of hydroxyl groups in the compound. A singlet was 

observed at 4.03 ppm that integrated for 2H. The HSQC and HMBC spectra indicated that 

the singlet corresponded to the methylene of the acetate. The singlet at 2.04 ppm that 

integrated for 3H confirmed the presence of the acetate in the compound. A doublet of 

doublets and a doublet at 2.47 and 2.69 ppm, respectively, was reminiscent of similar signal 

observed in the 1H NMR spectrum for birkenal 142 that correpsonded to the C7 methylene. 

The HMBC spectrum showed that the methylene of the acetate correlated with the carbonyl 

of the aldehyde, indicating that they were in close proximity. Therefore based on the FTIR, 

1H, 13C and 2D NMR spectra the compound was assigned as 12-acetoxybirkenal 149 in 

12% yield (Scheme 4.9). The structure was confirmed by HRMS, which gave an exact mass 

of 265.1795 m/z for the [M+H]+ molecular ion, corresponding to a molecular formula of 

C16H24O3. 
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Scheme 4.9. Synthesis of 12-acetoxybirkenal 149 from acetate triol caryophyllene 148. Red lines 

show HMBC correlations. 

 

Figure 4.16. 1H NMR spectra of birkenal 142 and 12-acetoxybirkenal 149. 

The formation of 12-acetoxybirkenal 149 provided strong evidence that triol 146 was the 

intermediate in the formation of birkenal 142. The syn-dihydroxylation of the 6-

12-Acetoxybirkenal 149 

Birkenal 142 
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hydroxycaryophyllene appeared to be the first step in the synthetic cascade to form birkenal 

142 and its analogues, but gaps in the mechanism form birkenal from triol 142 were still 

apparent. The chemistry of acetate triol caryophyllene 148 was further explored to fill this 

gap, as it was more stable than methyl triol caryophyllene 146. To further explore the 

reactivity of the exocyclic alkene, the acetate triol caryophyllene was protected via 

acetylation. Catalytic DMAP, Et3N and Ac2O were added to a solution of acetate triol 

caryophyllene 148 in dry CH2Cl2 and stirred at room temperature. After 16 hours the 

reaction was worked up to afford a yellow oil, and the oil was purified by column 

chromatography, giving compound 150 as a yellow oil.  

The FTIR spectrum for compound 150 showed no OH absorbances and a prominent 

carbonyl absorbance at 1741 cm-1, indicating that the acetylation was successful. The 13C 

NMR spectrum contained 19 signals. However, only two carbonyl signals were observed 

at 170.3 and 170.9 ppm, indicating that only two acetates were present in the compound. 

The 1H NMR spectrum showed two singlets at 2.07 and 2.10 ppm that each integrated for 

3H, confirming the presence of only two acetates in the molecule. Two singlets at 5.15 and 

5.25 ppm that each integrated for 1H indicated that the exocyclic alkene was still present. 

The triplet of doublets that corresponded to H6 had shifted downfield from 3.12 ppm to 

4.80 ppm, indicating that it had become significantly deshielded. The C6 hydroxyl group 

had therefore likely been acetylated. A doublet of doublets and a doublet at 3.81 ppm and 

4.42 ppm, respectively, each integrated for 1H and corresponded to the C12 methylene 

according to the HSQC spectrum. The high chemical shift suggested that the methylene 

hydrogens were also significantly deshielded by an electron withdrawing group, such as an 

ester, so the C12 acetate was also likely still present. A doublet was observed at 3.23 ppm 

that integrated for 1H, which closely matched the doublet found the in the 1H NMR 

spectrum for acetate triol caryophyllene 148, corresponding to H5. The HMBC spectrum 

showed that H5, H6 and H14 all correlated to a deshielded quarternary carbon at 61.2 ppm. 

The lack of hydroxyl groups and the presence of deshielded hydrogens and carbons in the 

compound indicated that epoxide had formed between C4 and C5. The structure of 

compound 150 was therefore tentatively assigned as 6,12-diacetoxycaryophyllene oxide 

150 based on the FTIR, 1H, 13C and 2D NMR spectra in 36% yield (Scheme 4.10). The 

structure was confirmed by HRMS, which gave an exact mass of 359.1822 m/z for the 

[M+H]+ molecular ion, corresponding to a molecular formula of C19H28O5.  
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The FTIR spectrum showed a broad OH absorbance at 3484 cm-1 and a prominent carbonyl 

absorbance at 1742 cm-1. Analysis was conducted in both CDCl3 and acetone-d6 due to 

overlap in peaks in the 13C NMR spectra. The 13C NMR spectrum (CDCl3) contained 19 

signals, with two visible signals in the carbonyl region but no vinylic signals present. Four 

signals were observed between 60 and 80 ppm, with two overlapping signals at 69.6 ppm. 

The 1H NMR spectrum in CDCl3 showed that the two signals at 5.15 and 5.25 ppm that 

were characteristic of the exocyclic alkene were absent, indicating the exocyclic alkene was 

no longer present in the molecule. The signals corresponding to the C14 methylene at 3.81 

and 4.42 ppm had shifted closer together to 3.96 ppm and 4.06 ppm. The doublet 

corresponding to H5 had also shifted further downfield to 3.83 ppm. The triplet of doublets 

correpsonding to H6 had shifted downfield to 5.30 ppm from 4.80 ppm. 

In the acetone-d6 
13C NMR spectrum four peaks between 60 and 80 ppm were visible, 

indicating the presence of four oxygenated carbons, including one 3º hydroxyl group. In 

the acetone-d6 
1H NMR spectrum a doublet and multiplet at 2.19 and 2.10-2.00 (containing 

two overlapping signals) that integrated for 1H and 2H, respectively, both corresponded to 

the same methylene. The hydrogens of the methylene correlated to the 3º hydroxyl in the 

HMBC spectrum, indicating that it was likely the methylene bridge that formed from the 

addition of the exocyclic alkene to the epoxide. The hydrogens of the C13 methylene and 

the suspected methylene bridge both correlated to a quaternary carbon in the HMBC 

spectrum, which was likely C4, further suggesting that the cationic cyclisation was 

successful. Therefore based on the FTIR, 1H, 13C and 2D NMR spectra, the compound was 

assigned as 3,12-diacetoxycaryolan-1,4-diol 151 in 12% yield (Scheme 4.13). 3,12-

Diacetoxycaryolan-1,4-diol 151 is an analogue of caryolan-1,3,4-triol 152 which was 

isolated by Vedernikov et al. in 2012 from the buds of Betula pendula Roth (Figure 

4.19).[123] 
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for 1H. The HSQC and COSY spectra indicated that it corresponded to the C6 hydrogen. 

The 13C NMR spectrum showed that four signals were present between 60 and 80 ppm, 

which indicated that oxygenated carbons were in the compound, one of which was a 

quaternary carbon. Two 2º alcohols, a 3º alcohol and a 2º acetate was consistent with the 

formation of the tricyclic product. Two hydrogens at 2.09-2.04 and 1.48-1.20 ppm 

corresponded to a methylene group. The methylene hydrogens correlated to the 3º alcohol 

and the methylene of the acetate, indicating that it was likely the methylene bridge formed 

from the addition of the exocyclic alkene to the 3º carbocation. Therefore, based on FTIR, 

1H, 13C and 2D NMR spectra the compound 153 was assigned as 12-acetoxy-caryolan-

1,3,4-triol 153 in 14% yield (Scheme 4.16). 

 

Scheme 4.16. TFA catalysed cyclisation of acetate triol caryophyllene 148. 

Based on the acid-catalysed rearrangement of acetate triol caryophyllene 148 to form 12-

acetoxy-dihydroxycaryolan-1,3,4-triol 153, it can therefore be postulated that caryolan-

1,3,4-triol 152 can be synthesised from methyl triol caryophyllene 146 under acidic 

conditions. Glacial AcOH was added to a solution of freshly prepared methyl triol 

caryophyllene 146 in dry CH2Cl2 and the reaction mixture was stirred at room temperature. 

After 8 days, the reaction was worked up and the crude product was purified by column 

chromatography to afford compound 154 as a colourless oil. 

The FTIR spectrum for compound 154 showed a broad OH absorbance at 3404 cm-1 and a 

prominent C=C stretch was visible at 1631 cm-1. The 13C NMR spectrum showed 15 

signals, with four signals between 110 and 150 ppm, indicating that two alkenes were 

present in the molecule. Two signals were also visible at 71.2 and 74.2 ppm, which both 
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corresponded to a 2º alcohol. The 1H NMR spectrum contained three peaks in the vinylic 

region of 4.5 to 6.0 ppm, at 4.82, 4.92 and 5.57 ppm. The peaks at 4.82 and 4.92 ppm 

correlated to the same carbon in the HSQC spectrum and correlated to the quaternary 

carbon of an alkene in the HMBC spectrum, indicating that they belonged to the exocyclic 

alkene. The new triplet at 5.57 ppm that integrated for 1H and correlated to a trisubstituted 

alkene. A singlet at 1.70 ppm integrated for 3H, indicating that it was a methyl and the 

higher chemical shift suggested it was an allylic methyl. A doublet at 4.33 ppm that 

integrated for 1H corresponded to the C5 hydrogen. The HMBC spectrum showed that the 

hydrogen correlated with the alkene, indicating that the alkene was located across C3 and 

C4. Therefore, based on the FTIR, 1H, 13C and 2D NMR spectra, compound 154 was 

assigned as 5,6-dihydroxycaryophyll-3,8-diene 154 in 10% yield (Scheme 4.17). The 

compound was previously isolated from birch buds by Vedernikov et al. and the spectral 

data was consistent.[123] 

 

Scheme 4.17. Glacial AcOH catalysed elimination of methyl triol caryophyllene 146. 

The formation of the diene 154 over the tricyclic product indicated that the C12 acetate of 

acetate triol caryophyllene 148 significantly influences the reactivity of the compound. The 

acetate potentially sterically hinders the molecule making it unfavourable for an elimination 

reaction to occur, or distorts the molecular conformation to a similar end. 

Vedernikov et al. proposed a biosynthetic mechanism for the formation of caryolan-1,3,4-

triol 152 along with other rearranged products, starting from 6-hydroxycaryophyllene oxide 

147.[123] The epoxide is cleaved under acidic conditions to generate a 3º carbocation. An 

elimination reaction can then occur to generate diene 154 or a nucleophilic addition can 

occur through addition of the exocyclic alkene to the carbocation. The addition generates a 
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9.58 ppm increasing slightly in intensity suggesting that trace quantities of birkenal 142 

may indeed be formed through oxidation followed by acid catalysed rearrangements.  

 

Figure 4.18. Auto-oxidation of 6-hydroxycaryophyllene 1 in CDCl3. 

In contrast, the auto-oxidation of the 6-hydroxycaryophyllene 1 in basified CDCl3 was quite 

slow, indicating that the presence of acid greatly increases the rate of reaction. In an 

exciting observation, the 6-hydroxycaryophyllene 1 auto-oxidised to form the methyl triol 

caryophyllene 146 between day 30 and day 76, as indicated by the formation of singlets at 

5.04 and 5.18 ppm and the doublet at 2.99 ppm (Figure 4.21). However, over time the 

intensity of the methyl triol caryophyllene 146 signals started to decrease and a new set of 

peaks at 4.80 and 4.90 ppm started to form, along with a doublet at 4.33 ppm (Figure 4.21). 

The newly formed peaks matched that of 5,6-dihydroxycaryophyllen-3,8-diene 154, 

indicating that methyl triol caryophyllene 146 predominantly formed 5,6-

dihydroxycaryophyllen-3,8-diene 154 under ambient conditions. The formation of diene 

154 from 6-hydroxycaryophyllene 1 through exposure to O2 and an acidic environment 

indicated that the reaction was likely abiotic and the occurrence of diene 154 was an artefact 

rather than a biosynthesised natural product. The formation of birkenal 142 was not 

detected in the 1H NMR spectra. 
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Figure 4.20. Deuterium exchange of 6-hydroxycaryophyllene 1 in CD3CN. 

Therefore based on the 1H NMR experiments, it was apparent that oxidation of 6-

hydroxycaryophyllene 1 was catalysed by the presence of acid. An acidic environment was 

also required for full conversion of 6-hydroxycaryophyllene 1 into aldehyde species. The 

trace quantities of birkenal 142 formed can be attributed to the numerous reaction pathways 

that can occur, resulting in only minor conversion of 6-hydroxycaryophyllene 1 into 

birkenal 142. 

4.5 Exploring the impact of antioxidants on the auto-oxidation of 

natural products from Scaevola crassifolia 

The formation of a number of aldehydes, along with trace quantities of birkenal 137 through 

acid-catalysed auto-oxidation of 6-hydroxycaryophyllene 1 indicated that chemical 

transformation of 6-hydroxycaryphyllene 1 occurred readily. Over time, one would expect 

a significant quantity of aldehydes and related compounds to be present on the leaf surface 

of S. crassifolia. However, the presence of 6-hydroxycaryophyllenes is still predominant 

compared to the trace quantities of aldehydes detectable by NMR spectroscopy. Significant 

quantities of polyphenolic compounds such as flavanones were also present in the leaf resin 
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of S. crassifolia. Flavonoids have been reported to possess antioxidant properties.[125] 

Therefore, the antioxidant effect of flavonoids found within the surface leaf resin were 

potentially inhibiting the oxidation of other compounds found within the leaf resin and the 

antioxidant effect of the flavonoids warranted further investigation. 

Samples of S. crassifolia neutrals fraction were prepared in a solution of Et2O and 

dispensed into glass sample vials, after which the Et2O was allowed to evaporate to dryness 

at room temperature. The impact of auto-oxidation on 2-3 samples of neutrals fraction was 

monitored using FTIR spectroscopy. The sampled was analysed by dissolution of the 

sample in the sample vial with a known volume of Et2O and dispensing an aliquot of the 

solution on to the ATR crystal, after which the solvent was allowed to evaporate. The 

sample was analysed once a day and two key spectroscopic regions were monitored using 

the second derivative FTIR spectra: 2950-2830 cm-1 (aliphatic CH stretching) and 1700-

1610 cm-1 (alkene C=C stretching). In the 2950-2830 cm-1 region, a significant change was 

observed after day 1. On day 1, CH stretching intensity in the asymmetric methylene region 

(2940 – 2900 cm-1) rapidly decreased at 2925 cm-1, while intensity at 2915 cm-1 rapidly 

increased, before stabilising over 2 days, with a gradual increase in the absorbance still 

being observed over the next 18 days (Figure 4.23). A similar trend was observed in the 

symmetric methylene C-H stretching region (2870 – 2830 cm-1), specifically a drastic 

decrease in intensity was observed at 2855 cm-1, with a drastic increase at 2848 cm-1). The 

local second derivative intensity minima for each specific stretching region, could be 

measured and plotted in a scatterplot and then fitted using linear regression. The gradient 

of the trendlines could then provide an approximate measure of the rate of oxidation. 

Although not known with certainty, the spectroscopic changes observed in the C-H 

stretching region support a change in the intermolecular bonding environment of methylene 

(-CH2- functional groups), which is consistent with sample oxidation. The rapid changes 

across the 2950-2830 cm-1 range may indicate that the neutrals fraction is rapidly oxidised 

and then appears to oxidise more slowly after the initial reaction.  

























136 
 

4.6 Conclusions 

This chapter further investigated the composition of natural products found in S. crassifolia 

and the biosynthesis of selected natural products using organic synthesis and vibrational 

spectroscopy. The natural product composition of S. crassifolia found in its natural 

environment (Port Beach, North Fremantle, Perth, Western Australia) was investigated and 

12-hydroxycaryophyllene 60 and flavone 141 were isolated, in addition to the compounds 

isolated from the plant at the Curtin University campus. The extraction efficiency of 

different solvents for the isolation of the S. crassifolia leaf resin was investigated. Similar 

extraction efficiencies were observed for Et2O, EtOH and CH2Cl2, while PS showed 

extracted a significantly lower quantity of resin. Deionised water extracted 6,12-

dihydroxycaryophyllene 3 and phenols but required an extended time. It was also 

determined that activated carbon could be used as a simple means of removing phenols 

from the resin extract, although this purification should only be conducted once to minimise 

product loss. A new synthetic mechanism for the formation of birkenal 142 was proposed 

and the relationship between the biosynthesis of birkenal 142 and the formation of 

caryolan-1,3,4-triol 152 and diene 154 was explored synthetically. The formation of 

birkenal 142 was explored through an NMR spectroscopy time course study, showing the 

necessity of both oxygen and an acidic environment to catalyse the formation of an 

aldehyde from 6-hydroxycaryophyllene 1. Finally, the antioxidant effects of phenolic 

natural products in the leaf resin of S. crassifolia was investigated. The experimental data 

revealed that the phenols had a significant antioxidant effect that greatly reduced the rate 

of oxidation of other natural products present in the surface leaf resin. Overall, this chapter 

highlighted how synthetic chemistry and spectroscopy could be used in conjunction to 

improve our understanding of natural products composition and biosynthesis. 
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Two flavanones and the precursor chalcone were isolated from the leaf resin of S. 

crassifolia, providing a unique opportunity to investigate the synthesis of the flavanones 

through biomimetic synthesis using the precursor chalcone. 

5.1 Isolation and structure elucidation of flavanones 138 and 139, and 

chalcone 157 

The natural product composition of the leaf resin of S. crassifolia has been previously 

investigated in earlier work conducted as part of this research. The resin was extracted by 

soaking the leaves of the plant (1.16 kg) in Et2O for 20 mins, followed by filtration of the 

ether extract. The filtration step ensured the removal of detritus from the extraction. The 

filtrate was concentrated in vacuo to afford the resin as a sticky, yellow oil (33.7 g). The 

resin was dissolved in Et2O and the solution was partitioned using acid-base chemistry to 

separate the major components of the leaf resin into amines (0.169 g), carboxylic acids 

(0.190 g), phenols (9.680 g) and neutrals (9.578 g). A portion of the phenols fraction (451 

mg) was purified by flash chromatography to afford two primary fractions. 

The first fraction afforded a yellow powder (163 mg) and the 1H NMR spectrum indicated 

a mixture of two products in a 1:3 ratio. The signals observed in the 1H NMR spectrum was 

consistent with the mixture of flavanones that had been previously reported by Fukai et 

al.[129] Trituration of the yellow solid using dry MeCN afforded a pure off-white solid (14 

mg). The 1H NMR and 13C NMR spectra were consistent with 5,7,3’,4’-tetrahydroxy-8-

[3,3’-dimethylallyl]-flavanone 138 (Figure 5.1) (Table 5.1). The structure was confirmed 

by a comparison of the 1H and 13C NMR data with that of the same flavanone synthesised 

and characterised by Fukai et al.[129] The other product could not be isolated, but the signals 

in the impure 1H and 13C NMR data were consistent with that of 5,7,3’,4’-tetrahydroxy-6-

[3,3’-dimethylallyl]-flavanone 139.[129] 

                      

Figure 5.1. Structures of 5,7,3’,4’-tetrahydroxy-8-[3,3’-dimethylallyl]-flavanone 138 and 

5,7,3’,4’-tetrahydroxy-6-[3,3’-dimethylallyl]-flavanone 139. 
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aromatic 1H signals from flavanone 139, indicating a similar aromatic substitution pattern. 

The presence of a prenyl group was suggested by the presence of a vinylic hydrogen at 5.24 

ppm, an allylic methylene at 3.36 ppm and two allylic methyl signals at 1.63 and 1.65 ppm. 

Two doublets were present at 7.69 and 8.07 ppm that integrated for 1H each, with a 

coupling constant of 15.2 Hz, consistent with a trans alkene. Based on analysis of the 1H 

NMR, 13C NMR, 2D NMR, HRMS and FTIR spectra, the compound was assigned as 

5,7,9,3’,4’-pentahydroxy-8-[3,3’-dimethylallyl]-chalcone 157 (Figure 5.2). Chalcone 157 

has not been previously identified outside of computational studies.[130] 

 

Figure 5.2. Structure of 5,7,9,3’,4’-tetrahydroxy-8-[3,3’-dimethylallyl]-chalcone 157. 

Isolation of the precursor chalcone 157 alongside the corresponding flavanones from the 

surface resin was unexpected and warranted further investigation. Flavanones can undergo 

a retro-Michael addition under acidic conditions to afford the precursor chalcone, and 

concentrated HCl was used to separate the major components of the leaf resin. Partitioning 

of the major components of the resin using acid-base chemistry was repeated, but the pH 

of the phenols fraction was closely monitored to ensure that it was close to pH 7 after 

acidification. Analysis of the 1H NMR spectrum indicated that the 8-prenyl and 6-prenyl 

flavanones 138 and 139 were found in a 4:5 ratio, with no chalcone 157 present in the 

spectrum. Over acidification, therefore, did result in a retro-Michael addition occurring to 

afford the precursor chalcone. Interestingly, the 6-prenyl flavanone 139 is preferentially 

hydrolysed, likely due to the lower steric hinderance around the C5 ether compared to the 

8-prenyl flavanone 138.  
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MOMCl and i-Pr2EtN. The protected acetophenone underwent an aldol condensation with 

the protected 4-hydroxybenzaldehyde to afford chalcones 159 and 160. The chalcones are 

then cyclised via a Michael addition of the C2 hydroxyl group to the enone in the presence 

of NaOAc to afford the protected flavanones 161 and 162. The flavanones were deprotected 

using HCl in MeOH to afford (±)-prostatol F 158, and (±)-8-geranyl-3’,4’,7-

trihydroxyflavanone 163 in 72% and 74% yields respectively (Scheme 5.3).  

 

Scheme 5.3. Synthesis of (±)-prostatol F 158, (±)-8-geranyl-3’,4’,7-trihydroxyflavanone 163, and 

natural geranylated chalcones 164 and 165. 
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5.3 Investigation of flavanone synthesis from chalcones 

The 8-prenyl- and 6-prenylflavanones 138 and 139 are found in a 4:5 ratio in the phenols 

fraction of the leaf resin extract from S. crassifolia. Isolation of the precursor chalcone 157 

due to excess acidification of the phenols extract, suggested that the flavanones were 

synthesised directly from the chalcone 157. The cyclisation of a chalcone is typically 

facilitated by the CHI in biological systems, and enzymatic systems are known to react with 

high levels of stereo- and regioselectivity. Computational and experimental studies have 

been conducted on CHI to investigate the stereo- and regioselectivity of the enzyme when 

facilitating the formation of flavanones from chalcones.[131, 133] CHI has been shown to 

exhibit high, but not complete regioselectivity, which is unusual for enzymes. For example, 

Li et al. observed that GuCHI did not exhibit complete regioselectivity when using GuCHI, 

a stereospecific CHI, to cyclise a prenylated naringenin chalcone 168 into prenylated 

naringenin 169 and 170, affording a 17:3 ratio of the 8-prenyl to the 6-prenyl product 

(Scheme 5.5).[133b] 

 

Scheme 5.5. Synthesis of 6-prenylnaringenin 169 and 8-prenylnaringenin 170. 
 

Abiotic factors influencing the regioselectivity of the cyclisation of substituted chalcones 

into flavanones warranted further research. A number of non-enzymatic synthetic pathways 

for the formation of flavanones are possible, including acid or base catalysed Michael 

additions and photochemical cyclisations. 
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The synthesis of the flavanones 138 and 139, starting from the chalcone 157 was 

investigated. Based on a procedure by Fukai et al., chalcone 157 was cyclised by heating 

in MeOH at 50ºC overnight in the presence of NaOAc (Scheme 5.6). The crude product 

was afforded as a yellow solid in 66% yield. The 1H NMR spectrum of the crude product 

showed two new singlets at 12.46 and 12.13 ppm, characteristic of the hydrogen bonded 

phenols found in flavanones 138 and 139.[129] The ratio of the integrals of the phenol signals 

for the 6-prenyl- to the 8-prenylflavanone was 3:1, which had a significantly higher bias 

towards the 6-prenylflavanone 138 than the 5:4 ratio present in the plant extract. The ratio 

of 6- to 8- prenylated products was similar to that of the geranylated flavanones synthesised 

by Jung et al., where the 6- and 8-geranylated products were afforded in 51% and 7% yields 

respectively.[132] The preferential formation of the 6-prenylflavanone 139 was likely due to 

the steric bulk of the prenyl group reducing access to the C5 hydroxyl group, and favouring 

reaction of the less hindered C9 hydroxyl group. The significant difference between the 

experimental and isolated flavanone ratios prompted further investigation into the reaction, 

and a variety of reaction conditions were trialled, which are summarised in Table 5.2. 

 
Scheme 5.6. Synthesis of 8-prenylflavanone 138 and 6-prenylflavanone 139 using NaOAc. 

 

The effect of steric bulk was further examined by using Et3N as a sterically bulky base in 

THF at reflux (Scheme 5.7). Interestingly, the 6-prenylflavanone 139 was afforded almost 

exclusively, with only trace quantities of the 8-prenylflavanone 138 visible in the 1H NMR 

spectrum. The high regioselectivity was likely because the C5 hydroxyl, adjacent to the 

prenyl group, is significantly more sterically hindered than the C9 hydroxyl group, resulting 

in the exclusive formation of the 6-prenylflavanone 139. Another product was visible in 
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the 1H NMR spectrum in a 3:2 ratio to the 6-prenylflavanone 139. The compound contained 

a prenyl group, indicated by a vinylic triplet at 5.15 ppm that integrated for 1H and two 

methyl singlets that integrated for 3H each at 1.83 and 1.86 ppm respectively. The 

compound was not successfully isolated. 

 

Scheme 5.7. Synthesis of 6-prenylflavanone 139 using Et3N. 

The reactions were repeated with NaOAc/LiCl and Zn(OAc)2 respectively, to determine if 

the size of the cation affected the regioselectivity of the reaction (Scheme 5.8). The 

coordination chemistry of Li+ is well established and Li+ is known to coordinate more 

effectively than Na+ to hard bases such as hydroxyl groups.[134] LiCl would undergo cation 

exchange with NaOAc to form LiOAc, thus incorporating a smaller cation into the reaction.  

However, no change in ratio of products formed was observed in the 1H NMR spectrum of 

the crude product, indicating that a smaller cation did not influence the regioselectivity. 

 

Scheme 5.8. Synthesis of 8-prenylflavanone 138 and 6-prenylflavanone 139 using NaOAc and LiCl 

in a 4:1 ratio. 
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The reaction was repeated, but using Zn(OAc)2 as a source of a larger cation (Scheme 5.9). 

The use of Zn(OAc)2 resulted in the formation of a complex mixture that did not contain 

the target flavanones. An aldehyde signal at 9.78 ppm and several aromatic signals 

suggested that a retro-Aldol condensation may have occurred, to afford the benzaldehyde 

derivative along with a mixture of other products. The formation of several by-products 

was likely due to the Zn(OAc)2 acting as a Lewis acid, resulting in a number of side 

reactions occurring.  

 

Scheme 5.9. Attempted synthesis of 8-prenylflavanone 138 and 6-prenylflavanone 139 using 

Zn(OAc)2. 

The effect of altering the catalyst from a base to a Brønsted-Lowry acid was also explored. 

The use glacial acetic acid resulted in no visible reaction after heating in THF at reflux. The 

reaction was repeated using CSA in THF at reflux, which had a lower pKa (1.2) (Scheme 

5.10). The 1H NMR spectrum indicated that a complex mixture had formed due to the high 

acidity of CSA.  
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The reaction was repeated using direct sunlight as the light source and was similarly 

monitored by 1H NMR spectroscopy (Scheme 5.12). Similar changes in the 1H NMR 

spectra were observed to that of the near-UV light experiment. Intermediate products 

formed suggested that the chalcone 157 may undergo a retro-Aldol condensation to form 

acetophenone and benzaldehyde derivatives (Figure 5.4). The polymerisation of the 

chalcone was a significantly slower process in sunlight, taking up to 45 days for the reaction 

to complete. The polymerisation of chalcones, also known as resinification, has been 

reported previously and has been used in materials science, such as in the development of 

new sealants and adhesives as part of a polymer blend.[136] 

 

Scheme 5.12. Attempted synthesis of 8-prenylflavanone 138 and 6-prenylflavanone 139 using 

sunlight. 
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6.1 Synthesis of caryophyllene hexol 168 and its analogues 

Amphipathic compounds, compounds that contain both hydrophilic and hydrophobic 

functional groups, have attracted interest in medicinal chemistry due to their ability to be 

soluble in both hydrophilic and hydrophobic environments. This allows for amphipathic 

compounds to interact and bind within the lipid bilayer membrane of cells. For example, 

amphotericin B 171 is an amphipathic drug used for the treatment of serious fungal 

infections and leishmaniasis. 

 

Figure 6.2. Structure of amphotericin B 171. 

12-Acetoxy-6-hydroxycaryophyllene 2 and 6,12-dihydroxycaryophyllene 3 are ideal 

candidates for preparation of an amphipathic compound that may possess interesting 

biological activity. In particular, 12-acetoxy-6-hydroxycaryophyllene 2 was the more 

suitable starting material, because the primary C12 hydroxyl group was already protected 

with an acetate. The C6 hydroxyl group and the masked C12 hydroxyl group provided easy 

access to a diol compound. Each of the alkenes in the molecule could also be 

dihydroxylated to each form a diol. Therefore, a viable synthetic pathway to prepare an 

amphipathic hexol caryophyllene was the dihydroxylation of the endocyclic and exocyclic 

alkene followed by deprotection of the C12 acetate (Scheme 6.1). 

 

Scheme 6.1 Proposed synthesis of caryophyllene hexol 173. 









157 
 

 

Figure 6.3. Structures of DHQD 175 and DHQ 176. 

Asymmetric dihydroxylation (AD) mixes are commercially available reagents used for 

Sharpless dihydroxylations, and come as AD-mix-α and AD-mix-β. Both AD mixes 

contain K2[OsO2(OH)4], K2Fe(CN)6m K2CO3 and one of two chiral phthalazine ligands. 

AD-mix-α contains dihydroquinine-phthalazine ((DHQ)2PHAL) 177, and AD-mix-β 

contains dihydroquinidine-phthalazine ((DHQD)2PHAL) 178 (Figure 6.4). 

 

Figure 6.4. Structures of (DHQ)2PHAL 177 and (DHQD)2PHAL 178.  

AD-mix-α typically gives the α-diol and AD-mix-β typically gives the β-diol. 

Dihydroxylation using both AD-mix-α and AD-mix-β using a procedure adapted by Kolb 

et al. was attempted using acetate triol caryophyllene 148.[138] A solution of AD-mix α/β in 

a 1:1 mixture of t-BuOH and H2O was added to acetate triol caryophyllene 148 at 0ºC and 

then allowed to warm to room temperature. Unfortunately, no reaction was observed by 

NMR spectroscopy using both AD-mixes. The lack of reaction was potentially due to 

incompatibility between the chiral ancillary ligands and the alkenes in the caryophyllenes 

due to the molecular conformation of the caryophyllene scaffold.  
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With the successful synthesis of the epoxide, the next step was to hydrolyse the epoxide to 

afford the pentol acetate 172. Epoxides can be easily cleaved using dilute HCl in water e.g. 

0.1M to afford a vicinal diol. Aqueous HCl solution (0.1 M) was added to neat epoxide 179 

and left to stir at room temperature overnight. After work-up, the epoxide had degraded, 

likely due to the reaction between the unprotected hydroxyl group and the HCl resulting in 

the formation of a carbocation, causing side reactions. 

An alternate approach reported by Harayama et al. was the one pot epoxidation and 

hydrolysis of alkenes using TFAA and molecular O2 in anhydrous pyridine.[139] Reaction 

with the epoxide 179 would afford the pentatrifluoroacetoxy caryophyllene monoacetate, 

which could then be hydrolysed to afford the hexol product. Reaction of acetate triol 

caryophyllene oxide 179 with TFAA and dry O2 in anhydrous pyridine over 72 hours 

afforded a colourless oil after purification with column chromatography (Scheme 6.11). 

The 1H NMR spectrum showed the absence of the two signals at 2.77 and 2.69 ppm, 

indicating that the epoxide had changed. Instead, a doublet of doublets at 2.73 ppm was 

present that integrated for 1H. A singlet at 9.88 ppm that integrated for 1H indicated that 

an aldehyde was present in the compound, and was likely formed through the ring opening 

and oxidation of the epoxide on C13. The doublet at 3.16 ppm that corresponded to H5 had 

shifted to downfield to 4.33 ppm, indicating that it was bonded to a strongly deshielding 

group, such as a trifluoroacetate. Similarly, the signal at 3.71 ppm in the epoxide 

corresponding to H6 had shifted downfield to 4.23 ppm, indicating that it was also bonded 

to a strongly electron withdrawing group like a trifluoroacetate. Therefore based on the 1H 

NMR and COSY spectra, the compound was tentatively assigned as aldehyde 180 with a 

4% yield.    
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Scheme 6.11. Epoxide ring opening and trifluoroacetylation of epoxide 179. 

The method proposed by Harayama et al. did open the epoxide, but the yields were too low 

to be viable and it generated an aldehyde rather than the desired trifluoroacetate.[139] 

Amphipathic compounds do not exclusively require oxygen-containing functional groups. 

Nitrogen-containing functional groups also improve the aqueous solubility of compounds 

while also potentially increasing the bioactivity of the compound. Amines can be generated 

from the reduction of an azide. Sabitha et al. reported the a method for the CeCl3 promoted 

ring opening of epoxides and aziridines using NaN3 in MeCN.[140] The reaction was 

attempted using epoxide 179, but unfortunately the reaction proceeded incredibly slowly 

in a 11:1 MeCN/H2O mixture even when heated under reflux (Scheme 6.12). 1H NMR 

spectroscopy showed that most starting material remained unreacted after 4 days, with only 

a small quantity of the product forming.  

 

Scheme 6.12. Attempted ring opening of epoxide 179 using CeCl3·7H2O and NaN3. 
 

Difficulties were similarly being encountered for ring opening of the epoxide, so a 

reduction approach was considered. Epoxides could be reduced using a reducing agent such 
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The HSQC spectrum indicated that those hydrogens were on the same carbon at 64.5 ppm, 

which corresponded to a methylene, indicating that the methylene was part of a 1o alcohol. 

The two doublets correlated to a quarternary carbon at 74.1 ppm that corresponded to a 3º 

alcohol, suggesting that the primary alcohol was adjacent to the 3º alcohol. Therefore, based 

on the FTIR, 1H NMR, 13C NMR and 2D NMR spectra, the compound was tentatively 

assigned as 6,12-diacetoxy-8,13-dihydroxycaryophyllene oxide 182. The HRMS gave the 

[M+Na]+ molecular ion an exact mass of 393.1873 m/z, which corresponded to a molecular 

formula of C19H30O7, and thus confirmed the proposed structure with a 23% yield. The 

stereochemistry could be postulated similar to the epoxide 179. The ββ conformation of 6-

hydroxycaryophyllenes results in the bottom face of the exocyclic alkene being the least 

sterically hindered. Consequently, dihydroxylation using KMnO4 would most likely occur 

on the bottom face of the exocyclic alkene. 

 

Scheme 6.18. Synthesis of 6,12-diacetoxy-8,13-dihydroxycaryophyllene oxide 182. 

The successful synthesis of the diacetoxy diol epoxide 182 was promising, and the next 

step was to hydrolyse the acetates. A similar hydrolysis method to the synthesis of the tetrol 

174 was used, using NH3 in MeOH to minimise water involved in the work-up. Aqueous 

NH3 was added to a solution of 6,12-diacetoxy-8,13-dihydroxycaryophyllene oxide 182 in 

MeOH at room temperature. After 16 hours, the reaction was worked up to afford the crude 

product, which was purified by column chromatography using Et3N treated silica gel, to 

afford two different compounds as colourless oils (Scheme 6.19). 
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The FTIR spectrum for the first compound showed a broad OH stretch at 3405 cm-1 and 

two sharp peaks at 3526 and 3501 cm-1 that corresponded to residual Et3NH+ salts. A 

prominent peak at 1716 cm-1 was also visible that corresponded to an ester carbonyl stretch. 

The 1H NMR spectrum showed a singlet at 2.13 ppm that integrated for 3H, indicating that 

an acetate was still present. A doublet of doublet of doublets at 5.10 ppm indicated that the 

hydrogen was significantly deshielded and adjacent to a highly electron withdrawing group 

such as an ester. The multiplicity indicated that it was adjacent to multiple inequivalent 

hydrogens. Therefore, the acetate was likely located on the C6 hydroxyl group, while the 

C12 acetate had been hydrolysed. Five doublets between 3 and 4 ppm that each integrated 

for 1H were also consistent with a partially hydrolysed product, corresponding to the C5, 

C12 and C13 hydrogens. The chemical shifts of the hydrogens between 3 and 4 ppm were 

higher than would be expected for an epoxide, with the lowest chemical shift being  

3.46 ppm. The high chemical shifts suggested that the epoxide may have ring opened during 

column chromatography, which can be attributed to the acidity of silica gel in organic 

solvents. Therefore, based of FTIR, 1H, 13C and 2D NMR spectra the first compound was 

tentatively assigned as 6-acetoxy-4,5,8,12,13-pentahydroxycaryophyllene 172 in 11% 

yield. The partial hydrolysis was likely due to the steric hindrance reducing access to the 

C6 acetate.  

The FTIR spectrum for the second compound showed a broad OH stretch at 3362 cm-1 and 

no carbonyl stretch at 1700 cm-1. The 1H NMR spectrum showed six signals between 3 and 

4 ppm that each integrated for 1H. The doublet of doublet of doublets that was at 5.10 ppm 

for the pentol acetate 183 had shifted upfield to 3.84 ppm, indicating that it was more 

shielded and therefore the acetate was no longer present. The six signals between  

3 and 4 ppm was consistent with a fully hydrolysed product, corresponding to the C5, C6, 

C12 and C13 hydrogens. Similar to pentol acetate 183, it appeared that the epoxide may 

have been hydrolysed during purification. Therefore, based on the FTIR, 1H, 13C and 2D 

NMR spectra the structure was tentatively assigned as 4,5,6,8,12,13-

hexahydroxycaryophyllene 173 in 15% yield. Both the pentol acetate 183 and the hexol 

173 were highly water-soluble, and insoluble in aprotic organic solvents such as CH2Cl2 

and CHCl3, similar to sugars. However, the both compounds were still soluble in protic 

polar organic solvents such as MeOH and EtOH. Analysis of the pentol acetate 183 and the 

hexol 173 using NMR spectroscopy were conducted in D2O. The successful synthesis of 
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hexol 173 demonstrated that complex amphipathic compounds could be synthesised from 

readily available 6-hydroxycaryophyllene scaffolds (Scheme 6.20).  

 

Scheme 6.19. Synthesis of pentol acetate 183 and hexol 173. 
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6 ppm, indicating that there were four vinylic hydrogens in the compound. The two singlets 

at 4.84 and 4.87 ppm each integrated for 1H and were likely part of the exocylic alkene. 

The doublet of doublets at 5.39 ppm integrated for 1H and had a coupling constants of 2 

and 16.4 Hz. The doublet of doublet of doublets at 5.85 ppm integrated for 1H and had 

coupling constants of 4.8, 8.4 and 16.4 Hz. The common coupling constant of 16.4 Hz 

indicated that the two hydrogens were coupling to each other and were likely part of a trans 

alkene. The smaller coupling constants suggested coupling to aliphatic hydrogens such as 

those in a methylene. Therefore, based on the 1H NMR spectrum, the structure of the 

compound was tentatively assigned as 4-hydroxycaryophyll-5,8-diene 185 in 19% yield 

(Scheme 6.27). 4-Hydroxycaryophyll-trans-5,8-diene 185 was previously reported by 

Gollnick et al. in 1968, but 1H NMR data was collected using CCl4.
[146]  

 

Scheme 6.27. Cationic rearrangement of 6-chlorocaryophyllene 184 using AgBF4.  

The 1H NMR spectrum of the second compound was consistent with that of 6-

hydroxcaryophyllene 1, which was given in 11% yield. The formation of both diene 185 

and 6-hydroxycaryophyllene 1 indicated that the carbocation formed by 6-

chlorocaryophyllene 184 after reaction with AgBF4 was resonance stabilised and primarily 

distributed between the C4 and C6 positions (Scheme 6.28). The formation of a single 

diastereomer of both the diene 185 and 6-hydroxycaryophyllene 1 was interesting, because 

it showed that only a single face of the molecule was accessible, even if the resonance 

stabilised cation was planar, resulting in inherent stereoselectivity. The accessibility of a 

single face to nucleophilic addition allowed the stereochemistry of caryophyllene 185 to be 

inferred. 
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Scheme 6.30. Chlorination of 12-acetoxy-6-hydroxycaryophyllene 2 using PCl5.  

NaN3 was added to a solution of 12-acetoxy-6-chlorocaryophyllene 186 in acetone and the 

reaction mixture was stirred at room temperature. After four days, the reaction was worked 

up and the crude product was purified by column chromatography to afford a compound as 

a colourless oil. The FTIR spectrum of the compound showed a broad OH absorbance at 

3393 cm-1, and a prominent carbonyl absorbance at 1738 cm-1. The characteristic azide 

absorbance at 2100 cm-1 was absent, indicating that the azide substitution had not 

proceeded. The 1H NMR spectrum looked similar to that of caryophyllene acetate 2 except 

the peaks had shifted. The exocyclic alkene peaks at 4.86 and 4.97 ppm had shifted 

downfield to 4.94 and 5.08 ppm. The two doublets exhibiting corresponding the C12 

methylene had shifted closer together from 4.17 and 4.69 ppm to 4.36 and 4.56 ppm. The 

13C NMR spectrum contained 17 signals, and the C6 signal had shifted from 69.8 ppm to 

56.4 ppm. Therefore based on the FTIR, 1H, 13C and 2D NMR spectra the compound was 

assigned as 12-acetoxy-6-hydroxy-Z-caryophyllene 189 in 70% yield (Scheme 6.31). The 

isolation of 12-acetoxy-6-hydroxy-Z-caryophyllene 189 indicated that the product had 

likely formed during the chlorination of the 12-acetoxy-6-hydroxy-E-caryophyllene 2.  

 

Scheme 6.31. Synthesis of 12-acetoxy-6-hydroxy-Z-caryophyllene 189. 
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Chlorination of the C6 hydroxyl group had generated interesting structural rearrangements, 

but the chlorides 184 and 186 was too inconsistent to be reliable. An alternative to 

halogenation of hydroxyl groups, is conversion of the hydroxyl group into a good leaving 

using sulfonyl chloride derivatives such as tosyl chloride, mesyl chloride and triflic 

anhydride. Tosylation of a hydroxyl group generates a tosylated product that can be 

isolated, while mesolates and triflates cannot. As a result, the tosylation of caryophyllene 

acetate 2 was pursued with a similar intention of incorporating an amine into the compound.  

Catalytic DMAP and Et3N were added to a stirred solution of the caryophyllene acetate 2 

and tosyl chloride in dry CH2Cl2. The reaction mixture was stirred at room temperature. 

After three days, the reaction was worked up and crude product was purified to afford the 

compound 190 as a colourless oil. The FTIR spectrum for compound 190 showed a narrow 

OH absorbance at 3476 cm-1 and a strong carbonyl absorbance at 1739 cm-1. The 13C NMR 

spectrum contained 17 signals which was the same as the starting material, so the 

caryophyllene acetate 2 had likely rearranged. Four signals were present between 100 and  

160 ppm, indicating that two alkenes were present in the compound, both of which were 

disubstituted according to the DEPT135 and HMBC spectra. Two signals were visible 

between 70 and 80 ppm, indicating that two oxygenated carbons were present in compound, 

one of which was quaternary and therefore a 3º alcohol was present in the compound. The 

1H NMR spectrum closely resembled that of 4-hydroxycaryophyll-5,8-diene 185. 

However, an additional pair of doublets were present at 3.98 and 4.08 ppm that each 

integrated for 1H, which corresponded to the C14 methylene group. A singlet at 2.08 ppm 

that integrated for 3H indicated that the acetate was still present in molecule. Therefore, 

based on the FTIR, 1H, 13C and 2D NMR spectra the compound was assigned as 12-

acetoxy-4-hydroxycaryphyll-trans-5,8-diene 190 in 9% yield (Scheme 6.32).  



176 
 

 

Scheme 6.32. Tosylation of 12-acetoxy-6-hydroxycaryophyllene 2. 

The isolation of the rearranged product indicated that the tosylation was likely successful. 

The tosylated product likely rearranged via a SN2’ with water to form 12-acetoxy-4-

hydroxycaryphyll-trans-5,8-diene 190.  
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6.3 Oxidation of 6-hydroxycaryophyllenes 

Oxidation of 6-hydropxycaryophyllenes has been established to generate unique 

compounds due to the interesting reactivity of the strained endocyclic alkene. The prime 

examples being the dihydroxylation of the endocyclic double bond and subsequent 

rearrangement of caryophyllene triols into birkenal 142 and its analogues. The oxidative 

chemistry of 6-hydroycaryophyllenes is still largely unexplored, especially the oxidation 

of the C6 hydroxyl group to generate enone compounds that could act as Michael acceptors 

or dienes for hetero Diels-Alder reactions.  

The MnO2 oxidation of 6,12-dihydroxycaryophyllene 3 has not yet been investigated and 

based on previous experimental evidence from other 6-hydroxycaryophyllenes, has the 

potential to generate truly unique compounds. Activated MnO2 was added to a solution of 

the diol caryophyllene 3 in dry CH2Cl2 and the reaction mixture was stirred at room 

temperature. After 50 mins, the reaction was worked up and the crude product was purified 

by column chromatography to afford compound 191 as a yellow tinged oil (Scheme 6.33). 

The FTIR spectrum showed a broad OH absorbance at 3415 cm-1 and a prominent carbonyl 

absorbance at 1722 cm-1. The 13C NMR spectrum contained 15 signals, including a 

carbonyl signal at 197.7 ppm, which was characteristic of an aldehyde. Only two vinylic 

carbon signals were visible between 110 and 150 ppm, indicating that an alkene had been 

lost. Two additional signals were visible between 60 and 80 ppm, indicating that two new 

oxygenated carbons were present in the compound. The 1H NMR spectrum showed two 

vinylic singlets at 4.96 and 5.01 ppm that each integrated for 1H, indicating that the 

exocyclic alkene was still present. However, the doublet at 5.37 ppm for the diol 

caryophyllene 3 was absent and a new doublet was present at 3.33 ppm, indicating that the 

endocyclic alkene was absent. The doublet of doublet of doublets had shifted upfield from 

4.59 ppm to 3.86 ppm, suggesting that the hydrogen was no longer allylic. The singlet at 

9.18 ppm that integrated for 1H confirmed the presence of an aldehyde in an isolated spin 

system. The HMBC spectrum showed that the aldehyde correlated with the carbon of a 3º 

alcohol. Therefore based on the FTIR, 1H, 13C and 2D NMR spectra the compound was 

assigned as aldehyde triol caryophyllene 191 in 12% yield.  
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Scheme 6.33. Oxidation of 6,12-dihydroxycaryophyllene 3 using activated MnO2. 

The formation of the aldehyde triol caryophyllene 191 was unexpected, but provided new 

insights into the reactivity of the endocyclic alkene. The allylic oxidation of the C12 

hydroxyl group of diol caryophyllene 3 likely occurred first, forming an α,β-unsaturated 

aldehyde followed by dihydroxylation (Scheme 6.34). Further rearrangements did not 

proceed likely due to the deactivation of the system by the aldehyde.  

 

Scheme 6.34. Proposed formation of aldehyde triol caryophyllene 191 from diol caryophyllene 3. 

Similar deactivating effects are apparent when comparing the reaction of the 6-

hydroxycaryophyllene 1 and caryophyllene acetate 2 with activated MnO2. The acetate 

ester of caryophyllene acetate 2 is electron withdrawing and deactivates the endocyclic 

alkene, resulting in exclusive formation of the acetate triol caryophyllene 148. However, 

the methyl group of 6-hydroxycaryophyllene is weakly electron rich and consequently, the 

methyl triol caryophyllene 146 is quickly formed and consumed to afford birkenal 142 

(Scheme 6.35). 
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Scheme 6.35. Reactions of 6-hydroxycaryophyllenes with activated MnO2 at room temperature. 

The formation of the aldehyde triol caryophyllene 191 at room temperature suggested that 

harsher reaction conditions are required for further reactions to occur. Activated MnO2 was 

added to a solution of aldehyde triol caryophyllene 191 in dry CH2Cl2 and the reaction 

mixture was heated at reflux. After 82 hours, the reaction was worked up and the crude 

product was purified by column chromatography to give compound 192 as a white solid 

(Scheme 6.36). 

The FTIR spectrum of the compound 192 did not contain OH absorbances and showed a 

prominent carbonyl peak at 1750 cm-1. The 13C NMR spectrum contained 15 signals. A 

carbonyl peak was visible at 174.0 ppm along with four vinylic carbon peaks between 110 

and 150 ppm, indicating the presence of two alkenes. A peak at 78.4 ppm indicated the 

presence of secondary oxygenated carbon. The 1H NMR spectrum showed two peaks that 

each integrated for 1H at 4.96 and 5.14 ppm that corresponded to the exocyclic alkene. A 

doublet at 5.13 ppm that integrated for 1H corresponded to the secondary oxygenated 

carbon. The vinylic singlet at 6.86 ppm integrated for 1H and correlated to a quaternary 

vinylic carbon and the oxygenated carbon carbon at 78.4 ppm, indicating that the alkene 

was in close proximity to the secondary oxygenated carbon. A methylene signal at 2.19 

ppm correlated with the carbonyl group and same alkene that was in close proximity to the 

secondary oxygenated carbon. The multiplet at 2.79-2.52 ppm correlated to a methylene 
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and the HMBC spectrum showed that the methylene was adjacent to the exocyclic alkene 

and the other alkene, and therefore likely correlated to the C7 methylene. Therefore, based 

on the FTIR, 1H, 13C and 2D NMR spectra the compound was assigned as butenolide 192 

in 10% yield. The butenolide 192 has not been previously reported, however Ghalib et al. 

reported a similar compound, aspfalcolide 193, except with a hydroxyl group on C6 and it 

has been reported to possess anti-angiogenic activity (Figure 6.6).[147] 

 

Scheme 6.36. Oxidation of aldehyde triol caryophyllene 192 using activated MnO2.  

 

Figure 6.6. Structure of aspfalcolide 193. 

Butenolide 192 is likely formed through a series of acid catalysed rearrangements (Scheme 

6.37). First a hemiacetal is formed through the addition of the C6 hydroxyl group to the 

C12 aldehyde. Acid catalysed elimination of water results in the formation of an enol across 

C4-C12. The enol then tautomerises to the ketone. The C5 hydroxyl group is then 

eliminated as water to form the butenolide 192. 
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Scheme 6.37. Proposed mechanism for formation of butenolide 192 from aldehyde triol 

caryophyllene 191. 

Butenolide moieties are found in a variety of natural products, including karrikins. 

Karrikins are most well-known for the ability to trigger seed germination in plants whose 

reproduction is fire dependent (Figure 6.7).[148] The incorporation of a butenolide moiety 

into a caryophyllene through a simple oxidation using activated MnO2 demonstrates the 

incredible reactions and rearrangements that 6-hydroxycaryophyllenes can undergo. 

 

Figure 6.7. Structure of 3-methyl-2H-furo[2,3-c]pyran-2-one 194. 

The use of activated MnO2 with 6-hydroxycaryophyllenes has demonstrated that it is not 

an effective method of oxidation of the C6 allylic hydroxyl group. Consequently, an 

alternate oxidation strategy was pursued. Use of the Swern oxidation was first explored 

using 6-hydroxycaryophyllene 1. The active species was generated through the addition of 
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dry DMSO to a solution of (COCl)2 in dry CH2Cl2 at -84ºC. After 20 mins, a solution of 6-

hydroxycaryophyllene 1 in dry CH2Cl2 was added to the reaction mixture and stirred. After 

3 hours, the reaction was quenched with Et3N and worked up to afford the crude product, 

which was purified by column chromatography to give the compound 195 as a yellow 

tinged oil. The FTIR spectrum for compound 195 showed no OH absorbance and a 

prominent carbonyl stretch at 1716 cm-1. The 13C NMR spectrum showed 15 signals, but 

many of the signals were poorly resolved due to conformational changes within the NMR 

timescale. A carbonyl signal at 202.8 ppm was present, which supported the observed 

absorbance in the FTIR spectrum. The 1H NMR spectrum showed that the doublet 5.25 

ppm corresponding to the C5 vinylic hydrogen of 6-hydroxycaryophyllene 1 was absent. 

Instead, a singlet at 6.17 ppm that integrated for 1H was present, indicating that the vinylic 

hydrogen was now in an isolated spin system. The doublet of doublet of doublets at  

4.56 ppm was also absent, indicated that the allylic C6 hydrogen was absent. A pair of 

doublets at 2.85 and 3.09 ppm that each integrated for 1H both had a coupling constant of 

16.8 Hz, indicating they were coupling to each other. The two hydrogens corresponded to 

the C7 methylene hydrogens. Therefore, based on the FTIR, 1H, 13C and 2D NMR spectra 

the compound was assigned as E-caryophyllene enone 195 in 37% yield (Scheme 6.38).  

 

Scheme 6.38. Swern oxidation of 6-hydroxycaryophyllene 1.  

The successful synthesis of caryophyllene enone 195 using a Swern oxidation was 

promising, so the reaction was replicated using the caryophyllene acetate 2. The FTIR 

spectrum of the compound obtained showed no OH absorbance and a prominent carbonyl 

absorbance was visible at 1742 cm-1. The 13C NMR spectrum showed 17 signals, but 

several of the signals were poorly resolved similar to that of caryophyllene enone 195. The 
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1H NMR spectrum closely resembled that of caryophyllene enone 195. The vinylic doublet 

of caryophyllene acetate 2 at 5.46 ppm was absent and instead a vinylic singlet that 

integrated for 1H at 6.20 ppm was visible. The presence of the singlet indicated that the 

vinylic C5 hydrogen was now in an isolated spin system, characteristic of the formation of 

the enone. The triplet of doublets at 4.58 ppm corresponding to the C6 allylic hydrogen 

was absent, further supporting that the allylic alcohol had been oxidised. Similar to 

caryophyllene enone 195, two doublets at 2.92 and 3.14 ppm were present, corresponding 

to the C7 methylene. The two doublets corresponding to the C12 methylene were visible at 

4.54 and 4.78-4.61 ppm. However, the doublet at 4.78-4.61 ppm was poorly resolved, 

indicating that conformational changes were occurring on a NMR timescale, which was 

consistent with what was observed with caryophyllene enone 195. Therefore, based on the 

FTIR, 1H, 13C and 2D NMR spectra, the compound was assigned as caryophyllene acetate 

enone 196 in 25% yield.  

 

Scheme 6.39. Swern oxidation of 12-acetoxy-6-hydroxycaryophyllene 2.  

The Swern oxidation of 6-hydroxycaryophyllene 1 and 12-acetoxy-6-

hydroxycaryophyllene 2 had both proceeded as expected to generate enones 195 and 196. 

Oxidation of diol caryophyllene 3 gave a different result. When the diol 3 was reacted under 

Swern conditions a crystalline product 197 was obtained (Scheme 6.40). The FTIR 

spectrum of compound 197 showed a broad OH absorbance at 3401 cm-1 and a prominent 

carbonyl absorbance at 1677 cm-1. The low wavenumber of the carbonyl stretch suggested 

that it was part of an α,β-unsaturated system. The 13C NMR spectrum contained 15 signals. 

A ketone signal was present at 201.8 ppm and another signal was present at 189.3 ppm, 

which appeared to be a vinylic quaternary carbon. Three other vinylic carbon signals were 
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present between 110 and 150 ppm, indicating that two alkenes were present in the 

compound. Two signal were present between 70 and 80 ppm, indicating that two 

oxygenated carbons were present, where at least one of them was a hydroxyl group. The 

1H NMR spectrum contained a doublet of doublets at 5.97 ppm that integrated for 1H. The 

HSQC and HMBC spectra indicated that the signal was a vinylic hydrogen that was 

adjacent to a quaternary vinylic carbon and the carbonyl. Therefore, it was likely part of a 

trisubstituted alkene that was conjugated with the ketone to form an enone. A doublet of 

doublets was present at 4.82 ppm that integrated for 1H. The HSQC and HMBC spectra 

indicated that the hydrogen was on the same carbon as an oxygen containing functional 

group and was in close proximity to the alkene of the enone, but not the carbonyl. The high 

chemical shift suggested that the hydrogen was heavily deshielded, and may be part of a 

functional group, such as an acetal or hemiacetal. The presence of two triplets that each 

integrated for 1H at 5.01 and 5.13 ppm that were on the same carbon, indicated that the 

exocylic alkene was still present in the molecule. The 1H NMR spectrum showed a doublet 

at 3.73 ppm that integrated for 1H and was on the same carbon as an oxygen containing 

functional group. The HMBC spectrum showed that the hydrogen correlated with both 

alkenes, the ketone and the other oxygenated carbon, suggesting that it was between the 

enone and the exocyclic alkene. Therefore, based on the FTIR, 1H, 13C and 2D NMR 

spectra, the compound was tentatively assigned as hemiacetal enone 197. The HRMS gave 

an exact mass for the [M+H]+ molecular ion of 249.1482 m/z corresponding to a formula 

of C15H20O3, thus confirming the assigned structure.  
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Scheme 6.40. Swern oxidation 6,12-dihydroxycaryophyllene 3. 

The formation of hemiacetal enone 197 was unexpected, but exciting, due to the creation 

of a complex tricylic molecule in one step. A proposed mechanism is shown below in 

Scheme 6.41. The C6 and C12 hydroxyl groups are first oxidised following the standard 

Swern oxidation mechanism. The enone then tautomerises to generate an enol. The enol is 

part of an extended 8 πe- system, which is perfectly set up to act as a Michael acceptor. The 

reaction was conducted in excess DMSO, which can act as nucleophile and add to C7 via 

a Michael addition. The enolate formed with the C12 aldehyde deprotonates C7 to facilitate 

an elimination reaction, generating a ketone and losing dimethyl sulfide (DMS). The dienol 

system then tauomerises back to the conjugated aldehyde and enone system. The newly 

formed C7 hydroxyl group acts as a nucleophile and adds to the aldehyde to form 

hemiacetal enone 197.  
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Scheme 6.41. Proposed mechanism for the formation of hemiacetal enone 197.  

Indoles are commonly used as nucleophiles for 1,4-conjugate additions due to ease of 

reaction and the ability to increase the structural complexity of a target compound. The C3 

position of indoles are good nucleophiles and ideal for use as a nucleophile in 1,4-conjugate 

additions. 1,4-Conjugate addition reactions using indoles are typically catalysed using a 

Lewis acid or a protic acid to activate the carbonyl of the α,β-unsaturated carbonyl system. 

A 1,4-conjugate addition of indole to caryophyllene enone 195 using BF3·Et2O was 

explored following a procedure by Swetha et al.[149] BF3·Et2O was added dropwise to a 

stirred solution of caryophyllene enone 195 and indole in dry CH2Cl2. After 90 mins, the 

reaction was quenched with solid NaHCO3 to give compound 195 as a colourless oil 

(Scheme 6.42). The 13C NMR spectrum contained 15 signals, indicating that reaction was 

unsuccessful. A signal at 200.0 ppm suggested the presence of a ketone. Four signals 

between 110 and 160 ppm indicated that two alkenes were present in the compound. The 

1H NMR spectrum for compound 198 resembled that of the starting material, caryophyllene 

enone 198. The vinylic singlet at 6.17 ppm appeared to have shifted upfield to 5.90 ppm. 

The two doublets at 2.85 and 3.09 ppm corresponding to the C7 methylene had shifted 
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downfield to 3.42 and 3.47 ppm. A doublet and singlet at 4.89 and 5.00 ppm, respectively, 

each integrated for 1H, and corresponded to the exocyclic alkene based on the HSQC 

spectrum. HRMS gave an exact mass of 219.1741 m/z for the [M+H]+ molecular ion, 

corresponding to a molecular formula of C15H20O. The molecular formula matched that of 

caryophyllene enone 195, indicating that the product was a rearranged product. Therefore, 

based on the HRMS, 1H, 13C and 2D NMR spectra, compound 198 was assigned as Z-

caryophyllene enone 198. Z-Caryophyllene enone 198 has been previously reported in a 

patent by Hiroshi et al and the characteriusation data is consistent with the reported 

values.[150] 

 

Scheme 6.42. BF3·Et2O catalysed 1,4-conjugate addition of indole to E-caryophyllene enone 195. 

 

A variety of compounds containing 1,2,4-triazoles have been reported to possess antifungal 

activity, such as itraconazole 199 (Figure 6.7). The addition of 1H-1,2,4-triazole to E-

caryophyllene enone 195 was therefore attempted using the procedure reported by Hou et 

al.[151] K3PO4 was added to a solution of E-caryophyllene enone 195 and 1H-1,2,4-triazole 

in dry MeCN and the reaction mixture was heated at reflux. After 24 hours, the reaction 

gave three compounds as colourless oils (Scheme 6.43). 
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Figure 6.7. Structure of itraconazole 199. 

The 1H NMR spectrum of the first compound was consistent with that of Z-caryophyllene 

enone 198 and was afforded in a 7% yield. The 1H NMR spectrum for the second compound 

200 showed that the singlets at 5.04 and 5.25 ppm corresponding to the exocyclic alkene 

were absent, indicating that the exocyclic alkene was absent. A singlet at 5.64 ppm 

integrated for 1H, indicating that a vinylic hydrogen was highly deshielded, such as in an 

α,β-unsaturated carbonyl system. Two doublets 3.00 and 3.63 ppm each integrated for 1H 

and both had a coupling constant of 13.2 Hz, indicating that they were coupling to each 

other. The two doublets displayed a characteristic AB splitting pattern indicating that they 

were hydrogens on the same carbon, and were likely part of an isolated methylene. A 

doublet that integrated for 3H at 1.89 ppm had a coupling constant of 1.2 Hz, indicating 

that a methyl group in proximity to a strongly deshielding group, such as an enone, was 

present. A singlet at 1.47 ppm integrated for 3H, indicating that another methyl group was 

present in the compound. The HRMS gave an exact mass of 219.1743 m/z for the [M+H]+ 

molecular ion, which corresponded to the molecular formula of C15H22O, which was same 

molecular formula of caryophyllene enone 195. Therefore, the compound 200 had likely 

formed through a base catalysed rearrangement, and was tentatively assigned as dimethyl 

caryophyllene enone 200 in a 5% yield.  

The FTIR spectrum for the third compound 201 showed no OH absorbance and a prominent 

carbonyl stretch at 1602 cm-1. The significantly lower wavenumber for the carbonyl stretch 

indicated that the carbonyl was heavily conjugated. The 13C NMR spectrum contained 15 

signals. A signal at 193.5 ppm indicated the presence of a ketone in the compound. Four 

sets of vinylic signals between 120 and 160 ppm suggested that two alkenes were present 

in the molecule. The 1H NMR spectrum showed two singlets at 6.01 and 6.10 ppm that 
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each integrated for 1H. The DEPT135 and HSQC spectra indicated that they corresponded 

to separate carbons, and not the exocyclic alkene as would have been expected. Instead, 

two trisubstituted alkenes were now present in the compound. The HMBC spectrum 

showed that the two vinylic hydrogens were in close proximity to each in the molecule. 

Two doublets at 1.96 and 1.97 ppm each integrated for 3H, indicating that they are methyl 

groups. The high chemical shift suggested that they were heavily deshielded. The HMBC 

spectrum indicated that the two methyls correlated with the alkenes, which were likely 

conjugated with the ketone to make a deshielding dienone system. The HRMS gave an 

exact mass for the [M+H]+ molecular ion of 219.1743 m/z, corresponding to a molecular 

formula of C15H20O, confirming that the compound was a rearranged product of 

caryophyllene enone 195. Therefore, based on the FTIR, HRMS, 1H, 13C and 2D NMR 

spectra, compound 201 was assigned as dienone 201 in 25% yield. Dienone 201 has been 

previously reported in a patent by Hiroshi et al and the characterisation data was consistent 

with the reported values.[150] 
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Scheme 6.43. K3PO4 catalysed 1,4-conjugate addition of 1H-1,2,4-triazole to caryophyllene enone 

195. 

Another method for the incorporation of nitrogen into a compound is through the formation 

of imines, followed by reduction into amines. In α,β-unsaturated carbonyl systems, amines 

can act as a nucleophile and undergo a 1,4-conjugate addition or a direct addition to the 

carbonyl, allowing the potential inclusion of up to two nitrogens in a compound. The 

condensation of E-caryophyllene enone 195 with benzylamine was therefore investigated. 

Benzylamine was added to a solution of the E-caryophyllene enone 195 and anhydrous 

MgSO4 in dry CH2Cl2 (Scheme 6.44). Unfortunately, the 1H NMR spectra indicated that 

the benzyl imine had not been formed and the E-caryophyllene enone 195 had degraded.  
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Scheme 6.44. Attempted imination of E-caryophyllene enone 195 with benzylamine. 

The α,β-imine was potentially unstable and therefore unable to be isolated. An alternative 

method to isolating the imine and then reducing it to the amine in a separate reaction, is to 

form the imine and then reduce it in a one-pot reaction, known as a reductive amination. 

NaBH4 is commonly used as a reducing for the reduction of imines to amines, and a 

procedure by Abdel-Magid et al. was adapted.[152] Benzylamine was added to a solution of 

E-caryophyllene enone 195 and anhydrous MgSO4 in dry CH2Cl2 (Scheme 6.45). After 20 

hours, NaBH4 was added to the reaction mixture at room temperature. The 1H NMR 

spectrum of the crude product indicated that the E-caryophyllene enone 195 had likely 

degraded and the neither amine nor imine had formed. 

 

Scheme 6.45. Attempted reductive amination of E-caryophyllene enone 195 with benzylamine. 

The high reactivity of the α,β-unsaturated ketone of E-caryophyllene enone 195 likely made 

it unsuitable for imination or 1,4-conjugate additions due to high likelihood of side 

reactions occurring. As a result, further functionalisation of caryophyllene enones was not 

pursued further. 
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and 2D NMR spectra, compound was assigned as Diels-Alder adduct 208, obtained in 13% 

yield. The stereochemistry of this adduct was not determined, but a trans ring junction is 

expected.  Based on previous semisyntheses, such as the synthesis of myrtucommulone K, 

N and O by Lv et al, the stereochemistry of the Diels-Alder adduct 208 was inferred.[153] 

 

Scheme 6.50. Diels-Alder reaction between β-caryophyllene 58 and 3,4-dichlorothiophene-1,1-

dioxide. 

The successful formation of Diels-Alder adduct 208 was promising, so the same reaction 

was attempted using 12-acetoxy-6-hydroxycaryophyllene 2. A solution of caryophyllene 

acetate 2 and 3,4-dichlorothiophene-1,1-dioxide in CHCl3 was heated at reflux. After 8 

hours, no reaction was observed by analysis of the 1H NMR spectrum. The fixed 

conformation of 12-acetoxy-6-hydroxycaryophyllene 2 seemed to be unsuitable for a Diels-

Alder reaction, indicating that (6R)-6-hydroxycaryophyllenes could not undergo Diels-

Alder reaction at the endocyclic double bond. It was worth noting that the biomimetic 

synthesis of (+)-cytosporolide A by Takao et al. used the 6S isomer of (-)-fuscotrol A 206, 

which may have contributed to its success.[154] 

However, further evidence was required to support this hypothesis, so the Diels-Alder 

chemistry of 6-hydroxycaryophyllenes was explored further. In 2010, Lawrence et al. 

reported the biomimetic synthesis of guajadial and psidial A.[155] Guajadial and psdial A 

were synthesised through a Diels-Alder reaction between β-caryophyllene 58, 

benzaldehyde and diformylphloroglucinol 209. The synthesis of guajadial and psiadial A 

analogues using 6-hydroxycaryophyllenes was an interesting synthetic target and was 

attempted using 6-hydroxycaryophyllene 1 and caryophyllene acetate 2.  
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The synthesis of diformylphloroglucinol 209 was attempted using a procedure by Bharate 

and Singh.[156] POCl3 was added to a solution of phloroglucinol and dry DMF in dry EtOAc. 

After 2.5 hours the reaction was quenched with deionised water and worked up to give the 

crude product, which was purified by column chromatography to give a compound as an 

off-white solid (Scheme 6.51). The FTIR spectrum for the compound showed a broad OH 

absorbance at 3318 cm-1 and carbonyl absorbances at 1601 and 1638 cm-1. The 1H NMR 

spectrum showed a singlet at 9.92 ppm that integrated for 1H and a singlet at  

5.78 ppm that integrated for 2H. Therefore, based on the 1H NMR spectrum, the compound 

was assigned as formylphloroglucinol 210 in 6% yield, rather than the desired 

diformylphloroglucinol 209. The FTIR and NMR spectral data were consistent with the 

values reported by Lawrence et al.[155]  

 

Scheme 6.51. Formylation of phloroglucinol via a Vilsmeier-Haack reaction. 

Lawrence et al. had experienced similar issues with the synthesis of 

diformylphloroglucinol, and had used a procedure by Dittmer et al. instead.[157] The key 

difference was that anhydrous phloroglucinol and dry dioxane were used in the reaction 

instead of phloroglucinol hydrate and EtOAc. The Vilsmeier reagent was first prepared 

through the addition of POCl3 to dry DMF at room temperature. A solution of 

phloroglucinol in dry dioxane was then added dropwise to the Vilsmeier reagent over 5 

minutes. After 18 hours, the reaction was worked up and a compound was isolated as an 

orange solid. The FTIR spectrum for the compound showed a broad OH absorbance at  

3350 cm-1 and a prominent carbonyl stretch at 1605 cm-1. The 1H NMR spectrum showed 

a singlet at 10.01 ppm that integrated for 2H and another singlet at 5.90 ppm that integrated 

for 1H. The 2:1 integration ratio indicated that the diformylation had succeeded and the 

compound was assigned as diformylphloroglucinol 209 in 43% yield (Scheme 6.52). The 

FTIR and NMR spectral data was consistent with the values reported by Lawrence et al.[155] 
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Scheme 6.52. Diformylation of phloroglucinol via a Vilsmeier-Haack reaction. 

With the successful synthesis of both formylphloroglucinol 210 and 

diformylphloroglucinol 209, the synthesis of analogues guajadial and psidial A could be 

explored using 6-hydroxycaryophyllenes. The reaction was first attempted using 6-

hydroxycaryophyllene 1 and diformylphloroglucinol 209 using the procedure by Bharate 

and Singh.[156] NaOAc was added to a solution of benzaldehyde, diformylphloroglucinol 

208 and 6-hydroxycaryophyllene 1 in 0.1M AcOH and the reaction mixture was heated at 

80ºC. After 5 days, the reaction was worked up and the crude product was purified by 

column chromatography to afford compound 211. The 13C NMR spectrum contained 15 

signals and looked similar to that of 6-hydroxycaryophyllene 1. The 1H NMR spectrum of 

compound 206 looked similar to that of 6-hydroxycaryophyllene 1. The vinylic doublet had 

shifted upfield from 5.25 ppm for 6-hydroxycaryophyllene 1 to  

5.19 ppm. The vinylic singlets corresponding to the exocyclic double bond stayed in almost 

the same positions. The allylic hydrogen doublet of doublet of doublets had shifted from 

4.56 ppm in 6-hydroxycaryophyllene 1 to 4.27 ppm, indicating that the allylic hydrogen 

was more shielded. HRMS gave an exact mass of 423.3621 m/z for the [M+H]+ molecular 

ion, corresponding to the molecular formula of C30H46O. The HRMS indicated that the 

product had likely dimerized, and therefore based on the HRMS, 1H, 13C and 2D NMR 

spectra the compound was assigned as 6-hydroxycaryophyllene dimer 211 in 2% yield 

(Scheme 6.53). The rest of the material from the reaction was an unresolved complex 

mixture. 
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Scheme 6.53. Synthesis of 6-hydroxycaryophyllene dimer 211. 

The formation of 6-hydroxycaryophyllene dimer 211 and no detectable quantity of 

guajadial or psidial A analogues, indicated that the Diels-Alder reaction had not proceeded. 

This could potentially be attributed to lack of solubility in aqueous AcOH. However, 

previous lack of reaction between caryophyllene acetate 2 and 3,4-dichlorothiophene-1,1-

dioxide suggests that the 6-hydroxycaryophyllene 1 likely had an unsuitable conformation 

for the Diels-Alder reaction.   

The reaction was repeated using caryophyllene acetate 2. NaOAc was added to a solution 

of benzaldehyde, diformylphloroglucinol 209 and caryophyllene acetate 2 in 0.1M AcOH 

and the reaction mixture was heated at 80ºC. After 6 days, the reaction was worked up and 

the crude product was purified by column chromatography to afford the starting material 

and diol caryophyllene 3 (Scheme 6.54). The formation of diol caryophyllene 3 indicated 

that caryophyllene acetate 2 was being hydrolysed under the acidic reaction conditions. No 

guajadial or psidial A analogues were isolated.  
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Scheme 6.54. Attempted synthesis of guajadial and psidial A analogues using caryophyllene 

acetate 2. 

The formation of guajadial and psidial A analogues using diformylphloroglucinol and 6-

hydroxycaryophyllenes had proven unsuccessful. The reactions were attempted again using 

formylphloroglucinol 210 to determine if a more electron-rich diene could encourage the 

Diels-Alder reaction to proceed. The reaction was first attempted using 6-

hydroxycaryophyllene 1. However the reaction afforded an unresolved complex mixture 

and no identifiable product could be isolated after by purification by column 

chromatography (Scheme 6.55). The lack of reaction reinforced that the ββ conformer of 

6-hydroxycaryophyllenes was unsuitable for Diels-Alder reactions targeting the endocyclic 

alkene. 

 

Scheme 6.55. Attempted synthesis of guajadial and psidial A analogues using 6-

hydroxycaryophyllene 1 and formylphloroglucinol 210. 

The reaction was then repeated using caryophyllene acetate 2 and formylphloroglucinol 

210. NaOAc was added to a solution of benzaldehyde, formylphloroglucinol 210 and 6-

hydroxycaryophyllene 1 in 0.1M AcOH and the reaction mixture was heated at 80ºC. After 

5 days, the reaction was worked up and the crude product was purified by column 

chromatography to afford compound 212 as a colourless oil (Scheme 6.56). The 13C NMR 

spectrum contained 17 signals, including a carbonyl signal at 170.29 ppm and four vinylic 

signals between 110 and 160 ppm. The 1H NMR spectrum looked very similar to that of 

caryophyllene acetate 2, except some key signals had shifted. The doublet of doublet of 
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doublets at 4.58 ppm corresponding to the C6 allylic hydrogen had shifted downfield to 

5.59 ppm, indicating that it was heavily deshielded by an electron withdrawing group, such 

as an ester. The two doublets at 4.58 and 4.69 ppm that corresponded to the C12 methylene 

had appeared to have merged into a singlet at 4.05 ppm. The HSQC and HMBC spectra 

further suggested that the singlet at 4.05 ppm corresponded to the C12 methylene. The 

acetate singlet was still present at 2.04 ppm, indicating that the acetate was still present in 

the molecule. The HRMS gave an exact mass of 279.1949 m/z for the [M+H]+ molecular 

ion, corresponding to a molecular formula of C17H26O3. The molecular formula matched 

that of the starting caryophyllene acetate 2, indicating that product was a rearranged form 

of the starting material. Therefore based on the HRMS, 1H, 13C and 2D NMR spectra, the 

compound was confirmed to be 6-acetoxy-12-hydroxycaryophyllene 212 in 5% yield. 6-

Acetoxy-12-hydroxycaryophyllene 212 has not been previously reported in the literature. 

The formation of the rearranged 6-acetoxy-12-hydroxycaryophyllene 212 was consistent 

with an acid catalysed acetate transfer. Unfortunately no guajadial or psidial A could be 

detected or isolated, indicating that the reaction likely did not proceed.  

 

Scheme 6.56. Synthesis of 6-acetoxy-12-hydroxycaryophyllene 212. 

One final method that was considered was a 1,3-dipolar cycloaddition to either the 

endocyclic of exocyclic alkenes. A 1,3-dipolar cycloaddition is a percyclic reaction 

between a dipole and a dipolarophile to form a new ring. One of the most well-known 1,3-

dipolar cycloadditions is between an organic azide and an alkyne to form a 1,2,3-triazole 

(Scheme 6.57). The organic azide is the dipole, while the alkyne is the dipolarophile.  
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Scheme 6.59. Preparation of N-hydroxybenzimidoyl bromide 213. 

With the successful synthesis of the N-hydroxybenzimidoyl bromide 213, the 1,3-dipolar 

cycloaddition could be attempted. The reaction was first attempted using β-caryophyllene 

58, as it had been previously shown to undergo cycloaddition reaction. Et3N was added to 

a solution of β-caryophyllene 58 and N-hydroxybenzimidoyl bromide 213 in C2H4Cl2 at 

room temperature. After 3 days, the reaction mixture was worked up to give the crude 

product (Scheme 6.60). The 1H NMR spectrum indicated that the starting material was 

unreacted and the N-hydroxybenzimidoyl bromide 213 had degraded to form benzoic acid. 

 

Scheme 6.60. Attempted preparation of 4,5-dihydrooxazoles from β-caryophyllene 58 and N-

hydroxybenzimidoyl bromide 213. 
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The lack of reaction was unexpected, so to explore the chemistry further the reaction was 

repeated using 6-hydroxycaryophyllene 1 instead (Scheme 6.61). However, similar to the 

reaction with β-caryophyllene 58, the N-hydroxybenzimidoyl chloride appeared to have 

degraded to benzoic acid. Therefore, consistent with the other attempted reactions, the 

results indicated that 6-hydroxycaryophyllenes did not have the appropriate conformation 

for cycloaddition reactions. 

 

Scheme 6.61. Attempted preparation of 4,5-dihydrooxazoles from 6-hydroxycaryophyllene 1 and 

N-hydroxybenzimidoyl bromide 213. 
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6.5 Conclusions 

The oxidation chemistry of 6-hydroxycaryophyllenes was investigated. Tetrol 174, pentol 

183 and hexol 173 were successfully synthesised, highlighting the ability for 6-

hydroxycaryophyllenes to functionalise into amphipathic compounds. A derivative of 

caryolan-1,3,4-triol 152 was successfully synthesised, 1,3,12-triacetoxycaryolan-4-ol 181. 

The C6 hydroxyl group of 6-hydroxycaryophyllenes was functionalised through 

esterification, chlorination and tosylation to generate several rearranged products, 

including caryophyllenes 109, 185 and 190. Oxidation of diol caryophyllene 3 using 

activated MnO2 afforded aldehyde triol 191 and butenolide 192, while oxidation under 

Swern conditions gave hemiacetal enone 197. Caryophyllene enones 195 and 196 were 

successfully synthesised through Swern oxidations of 6-hydroxycaryophyllene 1 and 12-

acetoxy-6-hydroxycaryophyllene 2. Attempted Michael additions to caryophyllene enone 

195 resulted in a variety of structurally rearranged products. Imination and reductive 

amination of caryophyllene enone 195 was unsuccessful, likely due to the high reactivity 

of the enone. Diels-Alder adduct 208 was successfully synthesised from a Diels-Alder 

reaction of β-caryophyllene 58 with 3,4-dichlorothiophene-1,1-dioxide. The conformation 

of 6-hydroxycaryophyllenes is unsuitable for cycloadditions reactions including Diels-

Alder reaction and 1,3-dipolar cycloadditions. Caryophyllene dimer 211 and 6-acetoxy-12-

hydroxycaryophyllene 212 were serendipitously synthesised through an attempted 

synthesis of analogues of guajadial and psidial A using 6-hydroxycaryophyllenes. 
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Figure 7.3. Structures of caryophyllenes 1, 2, 3 and 60, flavanones 138 and 139, and flavone 141. 

7.2 Development of protocols for sample preparation and biochemical 

imaging of Goodeniaceae and Sapindaceae species 

A viable methodology for the sectioning of plant leaf tissue for use in biochemical imaging 

was developed. Conventional embedding techniques such as paraffin embedding, were 

deemed unsuitable due to potential leeching of compounds from the plant leaf sections from 

the use of EtOH. Chemical fixation of leaf tissue section was also deemed to unsuitable 

due to similar leeching concerns and the potential for the formation of chemical artefacts. 

Room temperature sectioning of plant leaf tissue proved difficult due to the tendency for 

the tissue sections to curl and the lack of availability of suitable embedding media that 

would not leech or contaminate the tissue section. 

Flash freezing of plant leaf tissue followed by sectioning of the tissue while the base was 

embedded in OCT proved to be an effective, albeit still difficult method to collect leaf tissue 

sections with an intact layer of leaf resin. Gradual embedding of leaf tissue in OCT, by 

repeated layering of OCT over the tissue and letting it set, followed by sectioning of the 

embedded tissue was effective for the preparation tissue sections for internal cellular 

imaging.  

The strained alkene signal of caryophyllenes could be successfully mapped in the surface 

leaf resin of S. crassifolia using confocal Raman microscopy (Figure 7.4). The distribution 

of phenylalanine and fatty acids/lipids was successfully mapped in both epidermal and 

ground tissue of plant leaves using confocal Raman microscopy, which has not been 







209 
 

Investigation of the acid-catalysed auto-oxidation of 6-hydroxycaryophyllene 1 using 

NMR spectroscopy was conducted. The spectra showed that an acidic environment 

catalysed the formation of a variety of aldehydes, including birkenal 142 in trace quantities. 

A weakly acidic environment resulted in the visible formation of 4,5,6-

trihydroxycaryophyllene 146, followed by elimination to afford diene 154. No visible 

reaction, aside form deuterium exchange, was observed in a neutral environment. 

A longitudinal study of a mixture of compounds, including caryophyllenes, in the neutrals 

from from S. crassifolia was conducted using ATR-FTIR spectroscopy. The neutrals 

fraction quickly shown oxidation within 1-3 days, although the change is not attributed to 

caryophyllenes. The presence of phenols from S. crassifolia in quantities of 50-100% w/w 

inhibits the auto-oxidation of the neutrals fraction. The presence of BHT 156, a common 

antioxidant, does not inhibit the auto-oxidation of the neutrals fractions, and is likely due 

the precipitation of the BHT 156.   

The cyclisation of chalcone 157 to form 8-prenylflavanone 138 and 6-prenylflavanone 139 

with a naturally occurring bias of 4:5 8-prenylflavanone 138/6-prenylflavanone 139 was 

investigated. Treatment of chalcone 157 using standard inorganic salts such as NaOAc 

yields a mixture of both the 8- and 6-prenyl products in a 1:3 ratio. The use of a sterically 

bulky base, such as Et3N, favours the exclusive formation of 6-prenylflavanone 139. 

Exposure of chalcone 157 to UV light or sunlight resulted in polymerisation of the chalcone 

157, with similar examples reported in the literature. Therefore, the formation of the 8-

prenylflavanone 138 and 6-prenylflavanone 139 in a 4:5 ratio was likely due to a natural 

bias in the enzymatic reaction rather than due to an abiotic chemical reaction. 
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Scheme 7.2. Impact of reaction conditions on cyclisation of chalcone 157. Ratios shown are ratio 

of 8-prenylflavanone 138:6-prenylflavanone 139. 

7.4 Exploration of the chemistry of 6-hydroxycaryophyllenes 

The chemistry of 6-hydroxycaryophyllenes was explored, with the intention of developing 

novel scaffolds that could display interesting bioactivity. The first synthetic target was 

hexol 173, due to the amphipathic properties of the molecule. The hexol 173 was 

successfully synthesised from 12-acetoxy-6-hydroxycaryophyllene 2 four synthetic steps 

(Scheme 7.3).  

The chemistry of the C6 allylic hydroxyl group of 6-hydroxycaryophyllenes was also 

explored. The hydroxyl group was esterified to generate the benzoate ester. Chlorination of 

the hydroxyl group of 6-hydroxycaryophyllene 1 yielded 6-chlorocaryophyllene 184. 

Chlorination of 12-acetoxy-6-hydroxycaryophyllene 2 yielded 12-acetoxy-6-hydroxy-Z-

caryophyllene 189. Treatment of 6-chlorocaryophyllene 184 with AgBF4 afforded both 6-

hydroxycaryophyllene 1 and 4-hydroxycaryophyll-5,8-diene 185, demonstrating the 

resonance stabilisation of the carbocation. Tosylation of the hydroxyl group of 12-acetoxy-
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6-hydroxycaryophyllene 2 yielded 12-acetoxy-4-hydroxycaryophyll-5,8-diene 190 

(Scheme 7.3). 

The oxidation chemistry of the C6 hydroxyl group and the endocyclic alkene was similarly 

explored. Oxidation of 6,12-dihydroxycaryophyllene 3 using activated MnO2 at room 

temperature yielded the aldehyde triol caryophyllene 191. Treatment of aldehyde triol 

caryophyllene with activated MnO2 at reflux in CH2Cl2 yielded butenolide 192. Swern 

oxidation of the hydroxyl group of 6-hydroxycaryophyllene 1 and 12-acetoxy-6-

hydroxycaryophyllene 2 yielded enones 195 and 196. Swern oxidation of 6,12-

dihydroxycaryophyllene 3 yielded hemiacetal enone 197. Treatment of caryophyllene 

enone 195 with BF3·Et2O in the presence of indole isomerised the product to afford Z-

caryophyllene enone 198. Treatment of caryophyllene enone 195 with K3PO4 in the 

presence of 1H-1,2,4-triazole afforded Z-caryophyllene enone 198, dimethyl caryophyllene 

enone 200 and dienone 201 (Scheme 7.3).  

The cycloaddition chemistry of the endocyclic alkene of 6-hydroxycaryophyllenes was 

investigated. The Diels-Alder reaction between β-caryophyllene 58 and 3,4-

dichlorothiophene-1,1-dioxide afforded Diels-Alder adduct 208 (Scheme 7.3). However, 

no reaction was observed when attempting the same reaction using 6-

hydroxycaryophyllene 1 and 12-acetoxy-6-hydroxycaryophyllene 2. 6-

Hydroxycaryophyllene 1 and 12-acetoxy-6-hydroxycaryophyllene 2 were used replicate 

the biomimetic synthesis of guajadial and psidial A reported by Bharate and Singh.[156] 

Reaction of 6-hydroxycaryophyllene 1 in the presence of glacial AcOH and NaOAc yielded 

6-hydroxycaryophyllene dimer 211, whereas reaction of 12-acetoxy-6-

hydroxycaryophyllene under the same conditions yielded 6-acetoxy-12-

hydroxycaryophyllene 27. No visible reaction was observed when attempting a [3+2] 

dipolar cycloaddition to 6-hydroxycaryophyllene 1 and 12-acetoxy-6-

hydroxycaryophyllene 2 using N-hydroxybenzimidoyl bromide 213. 

The chemistry of 6-hydroxycaryophyllenes has been briefly explored, but there is still 

significant room for further investigation. The chemistry of 6-hydroxycaryophyllene oxides 

have yet to be explored in detail and similarly the potential for caryophyllene enones to act 

as hetero-Diels Alder dienes. 
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Chapter 8 

Experimental Section 
 

8.1 General experimental 

All reactions involving moisture or air-sensitive reagents were performed under a positive 

pressure of nitrogen. Glassware was dried in an oven set at 120ºC for at least 30 minutes. 

Materials were obtained from commercial sources and used without further purification 

unless otherwise stated. NMR experiments were performed on a Bruker Ultrashield Avance 

III 400 spectrometer (1H, 400.1 MHz; 13C, 100.6 MHz). Chemical shifts (δ) are expressed 

in ppm with reference to the solvents resonances of CDCl3 (
1H, 7.26 ppm; 13C, 77.16 ppm), 

(CD3)2CO (1H, 2.05 ppm; 13C, 29.84 ppm), (CD3)2SO (1H, 2.50 ppm; 13C, 29.52 ppm), 

CD3CN (1H, 1.94 ppm; 13C, 1.32 ppm), pyridine-d5 (
1H, 8.71 ppm; 13C, 149.5 ppm) and 

D2O (1H, 4.79 ppm). HRMS spectra were rcorded at the School of Science, Edith Cowan 

University, Joondalup WA using a Q ExactiveTM Focus Hybrid Quadrapole-OrbitrapTM 

Mass Spectrometer (Thermo Fisher Scientific Corporation, US). Analytes ionisation was 

achieved using heated electrospray ionisation source (HESI) operated in negative (-eV) 

mod. Samples were introduced into the HESI using a syringe pump operated at a flow rate 

of 5 μL min-1. The Q Exactive mass spectrometer was operated in full-scan mode from 70-

1000 m/z followed by isolation and full MS2 fragmentation of the parent compound in the 

HDC cell at variable collision energy. Infrared spectra were recorded on a Thermo Fisher 

Nicolet iS50 Fourier Transform-IR spectrometer equipped with a ZnSe-diamond crystal 

ATR accessory; spectra were acquired between 4000-400 cm-1. Optical rotations (α) were 

obtained from a Rudolph Scientific Analytical Autopol I polarimeter. Melting points were 

determined on a Crown Scientific Barnstead Electrothermal 9100 apparatus. Column/flash 

chromatography was achieved using the Reveleris X2 flash chromatography system with 

Buchi 40 μm silica cartridges or SiliaFlash® P60 silica gel (230-400 mesh, SiliaCycle, 

Canada) with the solvents stated. Radial chromatography was performed on a Harrison 

Research Chromatotron, model 7924T using chromatotron plates (1 mm and 2 mm) made 

with Merck silica gel 60 PF254 containing gypsum. TLC was completed on Merck 

aluminium backed silica gel 60 F254 sheets and visualised by using short-wave UV light (λ 

= 254 nm) for conjugates systems, potassium permanganate and vanillin solutions. The 

solvents tetrahydrofuran, dichloromethane, diethyl ether and acetonitrile are saturated with 
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nitrogen and dried over activated alumina columns, N,N-dimethylformamide is saturated 

with nitrogen and dried over (5Å) molecular sieve columns (Innovative Technology PS-

MD-5). Petroleum Spirits 40-60 refers to the fraction of alkanes that boil between 40-60ºC. 

The reaction conditions of 0ºC and -84ºC refer to an ice, and a liquid nitrogen-EtOAc bath 

respectively. 
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8.2.2 Scaevola striata 

Fresh S. striata leaves (15.76 g) were steeped in diethyl ether (300 mL). After 20 mins, the 

extract was decanted and filtered to remove detritus. The filtrate was concentrated under 

reduced pressure to afford a white waxy oil (24 mg, 0.15%). 

The oil was purified by column chromatography (15:85 EtOAc/petroleum spirits, silica 

gel). Ursolic acid 110 was isolated as a white, waxy oil (2 mg, 4 μmol, 0.01%).  

8.2.3 Scaevola caliptera 

Fresh S. caliptera leaves (12.20 g) were steeped in diethyl ether (200 mL). After 20 mins, 

the extract was decanted and filtered to remove detritus. The filtrate was concentrated under 

reduced pressure to afford a white waxy oil (31 mg, 0.25%). 

8.2.4 Scaevola albida White Carpet 

Fresh S. albida “White Carpet” leaves (10.09 g) were steeped in diethyl ether (200 mL). 

After 20 mins, the extract was decanted and filtered to remove detritus. The filtrate was 

concentrated under reduced pressure to afford a white waxy oil (26 mg, 0.26%).  

The oil was purified by column chromatography (1:99 MeOH/CH2Cl2, silica gel) to afford 

ursolic acid 110 as a white solid (1 mg, 2 μmol, 0.01%). 

8.2.5 Scaevola aemula 

Fresh S. aemula leaves (21.31 g) were steeped in diethyl ether (100 mL). After 20 mins, 

the extract was filtered to remove detritus. The filtrate was concentrated under reduced 

pressure to afford am off-white waxy oil (57 mg, 0.27%). Another batch of fresh S. aemula 

leaves (32.61 g) were steeped in diethyl ether (150 mL). After 20 mins, the extract was 

filtered to remove detritus. The filtrate was concentrated under reduced pressure to afford 

a yellow-white solid (68 mg, 0.21%). The two extracts were combined. 

The S. aemula extract was triturated using MeOH and the filtrate was concentrated under 

reduced pressure to afford a yellow-white waxy oil (127 mg). The oil was dissolved in Et2O 

(50 mL) and washed with NaHCO3 solution (5%, 2 x 50 mL) and NaOH solution (5%, 2 x 

50 mL). Upon addition of the NaHCO3 and NaOH solutions, both the organic and aqueous 

layers turned green. Upon addition of the NaOH solution, a yellow-white precipitate was 

formed. The organic layer was vacuum filtered, but the precipitate could not be isolated 
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due to the small mass produced. The filtrate was dried over anhydrous MgSO4 and 

concentrated under reduced pressure to afford an off-white oil (12 mg, 0.06% w/w).  

The NaHCO3 aqueous washes (100 mL) were acidified using concentrated HCl solution 

(32%) until the solution changed colour from green to colourless. The colourless solution 

was extracted using EtOAc (2 x 100 mL). The combined organic extracts were dried over 

anhydrous MgSO4 and concentrated under reduced pressure to afford the carboxylic acids 

fraction as a yellow oil (21 mg). The higher mass was attributed to residual EtOAc.  

The NaOH washes (100 mL) were acidified using concentrated HCl solution (32%) until 

the green solution turned colourless. After 5 mins, a white solid precipitated out of the 

solution. The acidified solution was extracted with EtOAc (2 x 100 mL). The combined 

organic extracts were dried over anhydrous MgSO4 and concentrated under reduced 

pressure to afford the phenols fraction as a yellow oil (54 mg). The phenols extract was 

purified by column chromatography (3:97-5:95 MeOH/CH2Cl2, silica gel) to afford a 

mixture of ursolic acid 110 and oleanolic acid 116 as a white solid (5 mg, 0.01% w/w). 

8.2.6 Scaevola aemula “Purple Fandancer” 

Fresh S. aemula “Purple Fandancer” leaves (6.16 g) were steeped in Et2O (150 mL). After 

20 mins the extract was decanted and filtered to remove detritus. The filtrate was 

concentrated under reduced pressure to afford a white, waxy oil (6 mg, 0.10% w/w). 

8.2.7 Scaevola aemula “Bondi Blue” 

Fresh S. aemula “Bondi Blue” leaves (3.84 g) were steeped in Et2O (150 mL). After 20 

mins the extract was decanted and filtered to remove detritus. The filtrate was concentrated 

under reduced pressure to afford a white, waxy oil (3 mg, 0.09% w/w). 

8.2.8 Goodenia varia 

Fresh G. varia leaves (28.11 g) were steeped in Et2O (150 mL). After 20 mins, the extract 

was filtered to remove detritus. The filtrate was concentrated under reduced pressure to 

afford a white solid (430 mg, 1.53% w/w). The extract was triturated with EtOAc (50 mL) 

and the residue was isolated as an off-white solid (37 mg, 0.08 mmol, 0.13% w/w), which 

was confirmed to be ursolic acid 110.  

The EtOAc solution was washed with NaHCO3 solution (5%, 2 x 50 mL) and NaOH 

solution (5%, 2 x 50 mL). The NaOH solution turned bright yellow upon mixing with the 
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EtOAc solution. The NaHCO3 and NaOH solution washes were set aside. The organic layer 

was dried over anhydrous MgSO4 and concentrated under reduced pressure to afford the 

neutrals fraction as an off-white solid (206 mg). The solid was purified by flash 

chromatography (5:95-50:50 EtOAc/PS, silica gel) to give the beyerene 120 as a colourless 

oil (29 mg, 0.08 mmol, 0.10%), the beyerene 121 as a white solid (14 mg, 0.05 mmol, 

0.05%), ursolic acid 110 as a white solid (41 mg, 0.09 mmol, 0.15% w/w) and a mixture of 

beyerenes 123 and 122. Beyerenes 123 and 122 were further purified by column 

chromatography (5:95-10:90 EtOAc/PS, silica gel) to afford beyerene 123 as a colourless 

oil (2 mg, 0.01 mmol 0.01% w/w) and beyerene 122 as a colourless oil (< 1 mg).  

The combined NaHCO3 washes were acidified using HCl (36%) until the solution turned 

cloudy white and effervescence ceased. The acidified solution was extracted with CH2Cl2 

(2 x 100 mL). The combined organic extracts were dried over anhydrous MgSO4 and 

concentrated under reduced pressure to afford beyerene 117 as a pale white oil (16 mg, 

0.06% w/w).  

The combined NaOH washes were acidified using HCl (36%) until the solution turned a 

dull yellow colour and a yellow solid precipitated. The acidified solution was extracted 

with CH2Cl2 (2 x 100 mL). The combined organic extracts were dried over anhydrous 

MgSO4 to afford a transparent yellow solution. The solution was suspected to contain 

residual HCl and was diluted further with EtOH (100 mL) to form an azeotrope with water. 

The solution was concentrated under reduced pressure to afford the phenols fraction as a 

yellow oil (91 mg). The oil was purified by flash chromatography (20:80-50:50 EtOAc/PS, 

silica gel) to afford beyerene 124 as a colourless oil (10 mg, 0.04% w/w). 
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13C NMR (101 MHz, CDCl3): δ 183.7 (C=O), 137.0 (CH), 132.1 (CH), 68.7 (CH2), 57.1 

(CH), 55.5 (CH2), 52.9 (CH), 50.1 (C), 48.9 (C), 43.9 (C), 39.6 (CH2), 38.1 (C), 38.0 (CH2), 

37.5 (CH2), 29.3 (CH3), 27.8 (CH2), 21.7 (CH2), 20.0 (CH2), 19.3 (CH2), 13.9 (CH3) ppm. 

ATR-FTIR: 3361 (OH, br, m), 3400-2400 (COOH, br, m), 3047 (vinylic CH, w), 2935 

(aliphatic CH, s), 2848 (aliphatic CH, s), 1692 (C=O, s), 1162 (C-O, m) cm-1. 

HRMS (ESI): C20H30O3 [M+H]+ requires 319.2268 m/z, found 319.2269 m/z. 

Rf = 0.38 (50:50 EtOAc/PS, silica gel), Vanillin stain (blue/grey). 

8.2.9 Preparation of diazomethane in ether 

A solution of KOH (400 mg, 7.13 mmol) in deionised water (1 mL) was prepared in a 

scratch-free conical flask and allowed to cool to room temperature. Et2O (20 mL) was 

added to the KOH solution and the mixture was stirred at 0ºC. N-Nitroso-N-methylurea 

(420 mg, 4.07 mmol) was added in portions to the stirred mixture. A yellow colour was 

formed upon addition of the N-nitroso-N-methylurea.  

A separate scratch-free conical flask was prepared with KOH pellets (300 mg, 5.35 mmol). 

The ether layer of the ethereal diazomethane solution was decanted into the new conical 

flask. Additional Et2O (10 mL) was added to the remaining aqueous KOH and the Et2O 

layer was decanted again into the new flask and kept at 0ºC until used. 

8.2.10 Methyl esterification of Goodenia varia carboxylic acids fraction 

Ethereal diazomethane solution was added dropwise to a stirred solution of beyerene 117 

(16 mg, 0.04 mmol) in Et2O (20 mL) at 0ºC using a flame polished pipette until the yellow 

colour persisted. After 1 hour, the reaction was quenched with glacial AcOH (0.5 mL). 

Upon addition of the glacial AcOH, the reaction mixture turned from yellow to colourless. 

The solution was diluted with Et2O (20 mL) and washed with NaHCO3 solution (5%, 3 x 

40 mL). The organic layer was dried over anhydrous MgSO4 and concentrated under 

reduced pressure to afford a colourless oil (9 mg). The oil was purified by column 

chromatography to afford beyerene methyl ester 118 as a colourless oil (3 mg, 7 μmol, 

17%). 
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8.3 Chapter 3 

8.3.1 Sample preparation for Raman spectroscopic analysis of surface resin 

The top half of the S. crassifolia leaves were removed, because the leaves had greater 

rigidity closer to the stem (Figure 8.1). The cut leaves were flash-frozen in liquid nitrogen 

and the stem was embedded in OCT. Serial 10 μm thick sections were cut perpendicular to 

the stem with a cryo-microtome at -18ºC and placed on regular glass slides. 

 

Figure 8.1. Cut S. crassifolia leaf. 

8.3.2 Sample preparation for Raman spectroscopic analysis of internal leaf tissue 

The top half and bottom portion including the stem of the S. crassifolia, D. viscosa or G. 

varia leaves were removed. The sides of the leaf section were also removed to create a 

rectangular leaf section that is approximately 0.5 cm in height and 1 cm in width. The cut 

leaves were attached to the chuck of the cryomicrotome using OCT perpendicular to the 

chuck. OCT was then layered on the leaf and allowed to freeze, until the entire leaf was 

covered. Serial 30-50 μm thick sections were cut perpendicular to the chuck with a cryo-

microtome at -18ºC and placed on regular glass slides. 

8.3.3 Raman mapping of surface leaf resin 

Raman spectroscopic maps were collected with a WITec Alpha 300 SAR instrument. Maps 

were collected with 532 nm excitation with a 100x objective and a 200 nm laser spot. 

Raman maps collected with 0.25 μm steps and 80 ms dwell time per pixel. Raman 

spectroscopic false colour images of the caryophyllene distribution were generated from 

the area under the curve of strained C = C stretching bands (centred at 1667 cm-1), with 

linear baseline subtraction (1690-1660 cm-1). False colour images of the phenol distribution 

were determined from the area under the curve of the aromatic C = C stretching bands, with 

linear baseline subtraction (1620-1590 cm-1). Project 4 WITec Suite 4.0 software was used 

for Raman spectral analysis and image generation. 
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8.3.4 Raman mapping of onion epidermal cells 

Maps were collected with 532 nm excitation with a 20x objective and a 200 nm laser spot. 

Raman maps were collected with 1.00 μm steps and 300 ms dwell time per pixel. Raman 

spectroscopic false colour images of pectin distribution were generated from the area under 

the curve of C-O-C skeletal mode centred across 840-880 cm-1, with linear baseline 

subtraction. Raman spectroscopic false colour images of pectin distribution were generated 

from the area under the curve of CH2 bending centred across 1440-1480 cm-1, with linear 

baseline subtraction. Project 4 WITec Suite 4.0 software was used for Raman spectral 

analysis and image generation. 

8.3.5 Raman mapping of internal leaf tissue 

Maps were collected with 532 nm excitation with a 100x objective and a 200 nm laser spot. 

Raman maps were collected with 0.25 μm steps and 100-300 ms dwell time per pixel. 

Raman spectroscopic false colour images of polysaccharide distribution were generated 

from the area under the curve of C-O-C stretching bands centred across 940-980 cm-1, with 

linear baseline subtraction. Raman spectroscopic false colour images of phenylalanine 

distribution were generated from the area under the curve of C1-C2-C3 angular bending 

bands centred across 980-1020 cm-1, with linear baseline subtraction. Raman spectroscopic 

false colour images of fatty acid/lipid distribution were generated from the area under the 

curve of skeletal C-C stretching bands centred across 1080-1120 cm-1, with linear baseline 

subtraction. Project 4 WITec Suite 4.0 software was used for Raman spectral analysis and 

image generation. 

8.3.6 3D Raman mapping of internal leaf tissue 

Maps were collected with 532 nm excitation with a 100x objective and a 200 nm laser spot. 

Raman maps were collected with 0.25-0.5 μm steps, 1 μm layer step and 200-300 ms dwell 

time per pixel. Raman spectroscopic false colour images of polysaccharide distribution 

were generated from the area under the curve of C-O-C stretching bands centred across 

940-980 cm-1, with linear baseline subtraction. Raman spectroscopic false colour images 

of phenylalanine distribution were generated from the area under the curve of C1-C2-C3 

angular bending bands centred across 980-1020 cm-1, with linear baseline subtraction. 

Raman spectroscopic false colour images of fatty acid/lipid distribution were generated 

from the area under the curve of skeletal C-C stretching bands centred at 1080-1120 cm-1, 

with linear baseline subtraction. Raman spectroscopic false colour images of 
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cellulose/hemicellulose distribution were generated from the area under the curve of 

skeletal C-H stretching bands centred across 2900-2950 cm-1, with linear baseline 

subtraction.  Project 4 WITec Suite 4.0 software was used for Raman spectral analysis and 

image generation. 

8.3.7 Synchrotron FTIR mapping 

Synchrotron FTIR mapping of biomolecule distribution in 50 μm thick S. crassifolia tissue 

sections was completed at the Australian Synchrotron infrared microspectroscopy 

beamline. Data were collected in transmission mode with a Bruker Vertex 80v FTIR 

spectrometer, with a 36x objective and a liquid nitrogen-cooled mercury cadmium telluride 

detector. Maps were collected with an aperture beam of spot of ~6 μm and a step size of 3 

μm. 

FTIR spectra were analysed with Cytospec version 2.00.03 and OPUS version 7.0. FTIR 

false colour images of lipid distribution were generated from the area under the curve of 

the C-H stretching band (2800-3000 cm-1). FTIR false colour images of the distribution of 

carbonyl containing compounds including aldehydes, ketones and esters were generated 

from the area under the curve of C=O stretching bands (1710-1760 cm-1). FTIR false colour 

images of the distribution of proteins were generated from the area under the curve of amide 

C=O stretching bands (1620-1680 cm-1). FTIR false colour images of the distribution of 

phenylalanine were generated from the area under the curve of aromatic C=C stretching 

bands (1500-1550 cm-1). FTIR false colour images of the distribution of protein storage 

vacuoles were generated from the area under the curve of amine N-H stretching bands 

(3500-3600 cm-1). 
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8.4 Chapter 4 

8.4.1 Extraction and isolation of compounds from Port Beach Scaevola crassifolia  

Fresh S. crassifolia leaves (436.9 g) were collected from Port Beach, North Fremantle, 

Western Australia on the 27th of April 2020. The fresh leaves were steeped in Et2O (1 L). 

After 20 mins, the ether extract was decanted and filtered to remove detritus. The filtrate 

was concentrated under reduced pressure to afford the resin as a yellow oil (9.039 g, 2.1% 

w/w). 

The resin was dissolved in EtOAc (300 mL) and washed with HCl (1M, 2 x 300 mL). The 

green aqueous washes were combined and set aside. The organic layer was washed with 

NaHCO3 solution (5%, 2 x 300 mL). The orange aqueous washes were then set aside. The 

organic layer was washed with NaOH solution (5%, 2 x 300 mL). Upon addition of the 

NaOH solution, both organic and aqueous layers turned dark red in colour. The dark red 

aqueous washes were combined and set aside. The organic layer was dried over anhydrous 

MgSO4 and concentrated under reduced pressure to afford the neutrals fraction as a yellow 

oil (2.778 g, 0.64% w/w).  

The neutrals fraction was purified using automated column chromatography (1:99-100:0 

EtOAc/PS, silica gel). 12-Hydroxycaryophyllene 60 eluted with 6:94 EtOAc/PS and was 

afforded as a white oil (106 mg, 0.48 mmol, 0.02% w/w). 6-Hydroxycaryophyllene 1 eluted 

with 6:94 EtOAc/PS and was afforded as a yellow tinged oil (422 mg, 1.92 mmol, 0.10% 

w/w). 12-Acetoxy-6-hydroxycaryophyllene 2 eluted with 10:90 EtOAc/PS and was 

afforded as a cloudy yellow oil (689 mg, 2.48 mmol, 0.16% w/w). Ursolic acid 110 eluted 

with 20:80 EtOAc/PS and was afforded as a yellow solid (94 mg, 0.21 mmol, 0.02% w/w). 

6,12-Dihydroxycaryophyllene 3 eluted with 30:70 EtOAc/PS and was afforded as a yellow 

oil that started to crystallise into white crystals (218 mg, 0.92 mmol, 0.05% w/w).  

The aqueous HCl extracts were basified using solid NaOH pellets until the solution turned 

amber in colour. The amber solution was extracted with EtOAc (2 x 300 mL). The 

combined organic extracts were dried over anhydrous MgSO4 and concentrated under 

reduced pressure to afford the amines fraction as a yellow oil (29 mg, 0.01% w/w).  

The combined aqueous NaHCO3 solution washes were acidified using concentrated HCl 

(32%) until the solution turned light yellow-green in colour. The acidified solution was 

extracted with EtOAc (2 x 300 mL). The combined organic extracts were dried over 



230 
 

anhydrous MgSO4 and concentrated under reduced pressure to the carboxylic acids fraction 

afford a yellow oil (954 mg, 0.22% w/w).  

The combined aqueous NaOH washes were acidified using concentrated HCl (32%) until 

the solution turned cloudy orange in colour. The acidified mixture was extracted using 

EtOAc (2 x 300 mL). The combined organic extracts were dried over anhydrous MgSO4 

and concentrated under reduced pressure to afford the phenols fraction as a red oil (4.524 

g, 1.04% w/w).  

The phenols fraction was purified by column chromatography (1:99-10:90 MeOH/CH2Cl2, 

silica gel) giving a mixture of flavanones 138 and 139 as a yellow solid (62 mg, 0.17 mmol, 

0.01% w/w) and a mixture of flavone 141 with other compounds as a yellow solid (568 

mg). Flavone 141 was further purified by column chromatography (1:99-5:95 

MeOH/CH2Cl2, silica gel) giving flavone 141 as a yellow solid (51 mg, 0.14 mmol, 0.01% 

w/w). 

Flavanone 139 

 

Spectroscopic data matched that of Fukai et al.[129] 

1H NMR (400 MHz, Acetone-d6): δ 12.14 (s, 1H), 7.06 (d, J = 2.0 Hz, 1H), 6.88 (dd, J = 

1.6 Hz, 1H) 6.87 (s, 1H), 6.02 (s, 1H), 5.39 (dd, J = 3.2, 12.4 Hz, 1H), 5.19 (t, J = 7.2 Hz, 

1H), 3.22 (d, J = 7.2 Hz, 2H), 3.09 (dd, J = 12.4, 13.2 Hz, 1H), 2.75 (dd, J = 3.2, 17.2 Hz, 

1H), 1.61 (s, 6H) ppm. 

13C NMR (101 MHz, Acetone-d6): δ 197.5 (C=O), 164.9 (C), 162.9 (C), 161.0 (C), 146.2 

(C), 146.0 (C), 131.9 (C), 131.2 (C), 123.6 (CH), 119.0 (CH), 116.0 (CH), 114.6 (CH), 

108.3 (C), 103.3 (C), 96.3 (CH), 79.7 (CH), 43.5 (CH2), 25.9 (CH3), 22.3 (CH2), 17.9 (CH3) 

ppm. 
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ATR-FTIR: 3424 (OH), 3267 (OH), 3066 (aromatic CH), 3048 (aromatic CH), 3032 

(aromatic CH), 1985 (aliphatic CH), 2963 (aliphatic CH), 2926 (aliphatic CH), 2853 

(aliphatic CH), 1598 (C=O) cm-1. 

Rf = 0.50 (10:90 MeOH/CH2Cl2, silica gel), Vanillin stain (pink/red). 

Flavone 141 

 

Spectroscopic data matched that of Kajiyana et al.[114] 

1H NMR (400 MHz, Acetone-d6): δ 13.30 (s, 1H), 7.49 (d, J = 2.4 Hz, 1H), 7.46 (ddd, J 

= 0.8, 2.4, 8.4 Hz, 1H), 7.00 (d, J = 8.4 Hz, 1H), 6.59 (d, J = 1.6 Hz, 1H), 6.57 (d, J = 1.6 

Hz, 1H), 5.28 (app tquint, J = 1.2, 2.8, 7.2 Hz, 1H), 3.35 (d, J = 7.2 Hz, 1H), 1.78 (d, J = 

1.2 Hz, 3H), 1.65 (d, J = 1.2 Hz, 3H) ppm. 

13C NMR (101 MHz, Acetone-d6): δ 183.1 (C=O), 164.8 (C), 162.4 (C), 160.1 (C), 156.5 

(C), 149.9 (C), 146.4 (C), 131.6 (C), 123.9 (C), 123.2 (CH), 120.1 (CH), 116.6 (CH), 114.0 

(CH), 112.3 (C), 105.2 (C), 104.1 (CH), 94.0 (CH), 25.9 (CH3), 22.0 (CH2), 17.9 (CH3) 

ppm. 

ATR-FTIR: 3490 (OH), 3406 (OH), 2958 (aliphatic CH), 2923 (aliphatic CH), 2855 

(aliphatic CH), 1604 (C=O), 1260 (C-O) cm-1. 
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EtOAc/PS, silica gel) to afford 12-acetoxycaryophyllene 140 as a colourless oil (28 mg, 

0.11 mmol, 49%). Spectroscopic data matched that of Barrero et al.[48b] 

βα 1H NMR (400 MHz, CDCl3) δ 5.59 (dd, J = 5.6, 10.8 Hz, 1H), 4.96 (s, 1H), 4.81 (s, 

1H), 4.68 (d, J = 12.0 Hz, 1H), 4.44 (d, J = 12.0 Hz, 1H), 2.50-2.30 (m, 5H), 2.28-2.11 (m, 

4H), 2.04 (s, 3H), 2.09-1.99 (m, 2H), 1.90-1.74 (m, 4H), 1.70 (t, J = 10.0 Hz, 1H), 1.67-

1.49 (m, 6H), 0.99 (s, 3H), 0.98 (s, 6H) ppm. 

ββ 1H NMR (400 MHz, CDCl3) δ 5.53 (d, J = 12.0 Hz, 1H), 4.99 (s, 1H), 4.87 (s, 1H), 

4.68 (d, J = 12.0 Hz, 1H), 4.31 (d, J = 12.0 Hz, 1H), 2.50-2.30 (m, 5H), 2.28-2.11 (m, 4H), 

2.05 (s, 3H), 2.09-1.99 (m, 2H), 1.96-1.90 (m, 1H), 1.90-1.74 (m, 4H), 1.67-1.49 (m, 6H), 

0.98 (s, 6H), 0.96 (s, 3H) ppm. 

βα 13C NMR (101 MHz, CDCl3) δ 171.3 (C=O), 153.1 (C), 133.5 (C), 131.3 (CH), 113.6 

(CH2), 61.5 (CH2). 51.4 (CH), 49.4 (CH), 40.4 (CH2), 35.0 (CH2), 34.2 (CH2), 32.9 (C), 

30.2 (CH3), 29.4 (CH2), 29.0 (CH2), 22.4 (CH3), 21.2 (CH3) ppm. 

ββ 13C NMR (101 MHz, CDCl3) δ 171.3 (C=O), 154.9 (C), 133.5 (C), 131.3 (CH), 111.6 

(CH2), 65.5 (CH2), 56.0 (CH), 49.2 (CH), 42.7 (CH2), 40.1 (CH2), 32.9 (C), 30.5 (CH2), 

30.0 (CH3), 29.7 (CH2), 29.4 (CH2), 22.0 (CH3), 21.2 (CH3) ppm. 

ATR-FTIR: 3062 (vinylic CH), 2925 (aliphatic CH), 2854 (aliphatic CH), 1733 (C=O), 

1631 (exocylic C=C), 1237 (C-O) cm-1. 

8.4.3 Optimisation of Scaevola crassifolia solvent extraction 

Fresh S. crassifolia leaves (344.03 g) were collected in July 2020 from the grounds of 

Curtin University and divided into 6 portions. Each portion of the leaves was steeped in the 

extraction solvent for 20 mins or 24 hours. The extract was decanted and filtered to remove 

detritus. The filtrate was dried over anhydrous MgSO4 and concentrated under reduced 

pressure to afford the extract. Details are provided in Table 7.1. 
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8.4.5 Preparation of birkenal 142 

 

Activated MnO2 (Merck, >90% activity, Batch# 8.05958.1000) (1.512 g, 17.39 mmol) was 

added to a solution of the 6-hydroxycaryophyllene 1 (34 mg, 0.15 mmol) in dry CH2Cl2 

(12 mL) and the mixture was stirred at room temperature. After 60 hours, the MnO2 was 

removed by filtration through celite and the celite was washed with CH2Cl2 (5 mL) and 

EtOAc (5 mL). The filtrate and washes were combined and carefully concentrated under 

reduced pressure without heating to afford a yellow oil (10 mg). The oil was purified by 

column chromatography (3:97 EtOAc/PS, silica gel) to give birkenal 142 as a colourless 

oil (6 mg, 0.03 mmol, 19%). Spectroscopic data matched that of Klika et al. and Hirokawa 

et al.[116]  

1H NMR (400 MHz, CDCl3): δ 9.57 (s, 1H), 4.77 (br app quint, J = 1.2, 2.0 Hz, 1H), 4.57 

(br app dd, J = 0.8, 2.4 Hz, 1H), 2.60 (d, J = 16.0 Hz, 1H), 2.46 (dq, J = 1.2, 16.0 Hz, 1H), 

2.31 (m, 1H), 2.07 (dtd, J =  1.2, 4.4, 13.6 Hz, 1H), 1.82 (dd, J = 7.6, 10.4 Hz, 1H), 1.68 – 

1.61 (m, 1H),1.60 – 1.59 (m, 1H), 1.58 – 1.54 (br m, 1H), 1.53 – 1.47 (m, 1H), 1.46 – 1.36 

(m, 1H), 1.04 (s, 3H), 0.99 (s, 3H), 0.98 (s, 3H) ppm. 

13C NMR (101 MHz, CDCl3): δ 206.4 (CHO), 150.6 (C), 107.4 (CH2), 50.6 (CH), 48.9 

(C), 44.6 (CH2), 40.9 (CH), 38.6 (CH2), 36.3 (CH2), 34.7 (C), 30.4 (CH3), 25.6 (CH3), 25.0 

(CH2), 22.0 (CH3) ppm. 

ATR-FTIR: 3073 (vinylic CH), 2953 (aliphatic CH), 2927 (aliphatic CH), 2862 (aliphatic 

CH), 1725 (C=O), 1638 (C=C) cm-1. 

Rf = 0.58 (3:97 EtOAc/PS, silica gel). 

[𝜶]𝑫
𝟐𝟕 = +36.27º (c. 1.00, CHCl3), lit. +25 (c = 0.004, EtOH)[116a], +39.6 (c = 1.00, 

EtOH)[116b]. 
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8.4.6 Preparation of 4,5,6-trihydroxycaryophyllene 146 

 

Activated MnO2 (Merck, >90% activity, Batch# 8.05958.1000) (0.531 g, 6.11 mmol) was 

added to a solution of 6-hydroxycaryophyllene 1 (34 mg, 0.15 mmol) in dry CH2Cl2 (5 mL) 

and the mixture was stirred at room temperature. After 1 hour, the MnO2 was removed by 

filtration through celite and the celite was washed with CH2Cl2 (5 mL) and EtOAc (5 mL). 

The filtrate and washes were combined and concentrated under reduced pressure to afford 

a yellow oil (31 mg). The oil was purified by column chromatography (10:90 EtOAc/PS, 

silica gel) to give caryophyllene triol 146 as a colourless oil (4 mg, 0.02 mmol, 10%).  

1H NMR (400 MHz, CDCl3): δ 5.18 (s, 1H), 5.04 (s, 1H), 3.58 (td, J = 6.8, 10.0 Hz, 1H), 

2.99 (d, J = 9.6 Hz, 1H), 2.82 (dd, J = 6.8, 12.4 Hz, 1H), 2.41 (app q, J = 9.6 Hz,  1H), 2.13 

(m, 1H), 1.88 (dd, J =  8.0, 10.8 Hz, 1H), 1.77 – 1.71 (br m, 2H), 1.66 – 1.58 (br m, 1H), 

1.54 – 1.44 (br m, 3H), 1.29 (s, 3H), 1.00 (s, 3H), 0.97 (s, 3H) ppm. 

 13C NMR (101 MHz, CDCl3): δ 147.7 (C), 114.4 (CH2), 71.8 (CH), 64.6 (CH), 61.9 (C), 

53.8 (CH), 47.2 (CH), 45.3 (CH2), 42.3 (CH2), 36.3 (CH2), 33.2 (C), 30.0 (CH3), 27.8 

(CH2), 23.7 (CH3), 21.7 (CH3) ppm. 

ATR-FTIR: 3405 (OH), 3069 (vinylic CH), 2950 (aliphatic CH), 2926 (aliphatic CH), 

2858 (aliphatic CH), 1637 (C=C), 1039 (C-O) cm-1. 

Rf = 0.11 (20:80 EtOAc/PS, silica gel), Vanillin stain (dark blue). 
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8.4.7 Preparation of 6-hydroxycaryophyllene oxide 147 

 

Silica gel was added to a solution of neutrals fraction (3.12 g) in 9:1 EtOAc/MeOH (200 

mL). The mixture was concentrated under reduced pressure to afford a yellow solid, which 

was left to stand at room temperature. After two weeks, the silica adsorbed material was 

purified by column chromatography to afford a mixture of 6-hydroxycaryophyllene 1 and 

6-hydroxycaryophyllene oxide 147 (5:95 EtOAc/PS, silica gel) as a colourless oil. The oil 

was further purified by column chromatography (12:88 EtOAc/PS, silica gel) to give 6-

hydroxycaryophyllene oxide 147 as a colourless oil (16 mg, 0.5%).  

1H NMR (400 MHz, CDCl3): 5.17 (s, 1H), 5.04 (d, J = 1.6 Hz, 1H), 4.32 (m, 1H), 2.90 

(dd, J = 6.8, 12.8 Hz, 1H), 2.88 (d, J = 2.0 Hz, 1H), 2.52 (app q, J = 8.8 Hz, 1H), 2.05-2.03 

(m, 1H), 1.96 (dd, J = 9.6, 11.6 Hz, 1H), 1.78 (s, 1H), 1.76 (s, 1H), 1.66-1.56 (m, 3H), 1.53 

(s, 3H), 1.03-0.96 (m, 1H) 1.01 (s, 3H), 1.00 (s, 3H) ppm. 

13C NMR (101 MHz, CDCl3): δ 147.8 (C), 114.1 (CH2), 67.7 (CH), 64.4 (CH), 60.6 (C), 

55.5 (CH), 47.1 (CH), 41.5 (CH2), 40.4 (CH2), 39.5 (CH2), 33.1 (C), 30.1 (CH3), 27.8 

(CH2), 22.6 (CH3), 17.0 (CH3) ppm. 

ATR-FTIR: 3449 (OH), 2927 (aliphatic CH), 2858 (aliphatic CH), 1632 (C=C) cm-1. 

HRMS (ESI): C15H24O2 [M+H]+ requires 237.1849 m/z, found 237.1846 m/z. 
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8.4.8 Preparation of 12-acetoxy-4,5,6-trihydroxycaryophyllene 148 

 

Activated MnO2 (Merck, >90% activity, Batch# 8.05958.1000) (0.609 g, 7.00 mmol) was 

added to a solution of the caryophyllene acetate 2 (27 mg, 0.097 mmol) in dry THF (10 

mL) and stirred. After 4 hours, the MnO2 was removed by filtration through celite and the 

celite was washed with EtOAc (5 mL) and MeOH (5 mL). The filtrate and washes were 

combined and concentrated under reduced pressure to afford a white solid (21 mg). The 

solid was purified by flash chromatography (30:70 EtOAc/PS, silica gel) to give 12-

acetoxy-4,5,6-trihydroxycaryophyllene 148 as a colourless oil (19 mg, 0.06 mmol, 63%).  

1H NMR (400 MHz, CDCl3): δ 5.20 (s, 1H), 5.06 (s, 1H), 4.32 (d, J = 12.0 Hz, 1H), 3.79 

(dd, J = 1.2, 12.0 Hz, 1H), 3.64 (td, J = 6.8, 10.0 Hz, 1H), 3.12 (d, J = 9.6 Hz, 1H), 2.83 

(dd, J = 6.8, 12.4 Hz, 1H), 2.39 (app q, J = 9.2 Hz, 1H), 2.15-2.05 (m, 1H), 2.11 (s, 3H), 

2.03 (dd, J = 2.8, 6.0 Hz, 1H), 1.90 (dd, J = 8.0, 10.8 Hz, 1H), 1.72 (app t, 1H), 1.66-1.58 

(m, 2H), 1.57-1.40 (m, 2H), 1.01 (s, 3H), 0.98 (s, 3H) ppm. 

13C NMR (101 MHz, CDCl3): δ 171.1 (C=O), 147.9 (C), 114.7 (CH2), 71.4 (CH), 68.0 

(CH), 64.5 (CH2), 61.9 (C), 54.1 (CH), 47.3 (CH), 45.2 (CH2), 42.4 (CH2), 33.4 (C), 30.4 

(CH2), 29.9 (CH3), 27.5 (CH2), 21.6 (CH3), 21.0 (CH3) ppm. 

ATR-FTIR: 3426 (OH), 1738 (C=O) cm-1. 

HRMS (ESI): C17H29O5 [M+H]+ requires 313.2010 m/z, found 313.2004 m/z.  

Rf = 0.32 (30:70 EtOAc/PS, silica gel). 

[𝜶]𝑫
𝟐𝟑 = +12.9º (c. 1.45. MeOH). 
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8.4.9 Preparation of 12-acetoxybirkenal 149 

 

Activated MnO2 (Merck, >90% activity, Batch# 8.05958.1000) (1.390 g, 15.99 mmol) was 

added to a solution of acetate triol caryophyllene 148 (50 mg, 0.16 mmol) in dry CH2Cl2 

(12 mL) and heated at reflux. After 16 hours, the MnO2 was removed by filtration through 

celite and the celite was washed with EtOAc (10 mL). The filtrate and washes were 

combined and concentrated under reduced pressure without heating to afford a yellow oil 

(6 mg). The oil was purified by column chromatography (5:95 EtOAc/PS, silica gel) to give 

the 12-acetoxybirkenal 149 as a colourless oil (5 mg, 0.02 mmol, 12%). 

1H NMR (400 MHz, CDCl3): δ 9.62 (s, 1H), 4.83 (m, 1H), 4.62 (d, J = 2.0 Hz, 1H), 4.03 

(s, 2H), 2.69 (d, J = 16.0 Hz, 1H), 2.47 (dq, J = 2.0, 16.0 Hz, 1H), 2.31 (app q, J = 10.4 Hz, 

1H), 2.14 (m, 1H), 2.04 (s, 3H), 1.83 (dd, J = 10.4, 7.6 Hz, 1H), 1.70 - 1.56 (m, 4H), 1.48 

– 1.37 (m, 1H), 1.00 (s, 3H), 0.99 (s, 3H) ppm. 

13C NMR (101 MHz, CDCl3): δ 204.4 (CHO), 170.8 (C=O), 149.1 (C), 108.5 (CH2), 68.7 

(CH2), 52.1 (C), 50.7 (CH), 40.8 (CH), 40.2 (CH2), 38.4 (CH2), 34.7 (C), 32.0 (CH2), 30.4 

(CH3), 24.3 (CH2), 22.0 (CH3), 20.9 (CH3) ppm. 

ATR-FTIR: 1743 (C=O, slight shoulder on right side of peak indicating overlapping 

carbonyl stretches), 1229 (C-O) cm-1. 

HRMS (ESI): C16H25O3 [M+H]+ requires 265.1798 m/z, found 265.1795 m/z.  

Rf = 0.43 (10:90 EtOAc/PS, silica gel). 
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8.4.10 Preparation of 6,12-diacetoxycaryophyllene oxide 150 

 

DMAP (~1 mg), Et3N (110 μL, 0.789 mmol) and acetic anhydride (100 µL, 1.06 mmol) 

were added to a solution of the acetate triol caryophyllene 148 (37 mg, 0.118 mmol)  in dry 

CH2Cl2 and stirred at room temperature. After 16 hours, the reaction mixture was diluted 

with CH2Cl2 (50 mL) and washed with HCl solution (1M, 2 x 50 mL) and NaHCO3 solution 

(5%, 2 x 50 mL). The organic phase was dried over anhydrous MgSO4 and concentrated 

under reduced pressure to a yellow oil (32 mg). The oil was purified by flash 

chromatography (10:90 EtOAc/PS, silica gel) to give epoxide 150 as a yellow oil (14 mg, 

0.043 mmol, 36%). 

1H NMR (400 MHz, CDCl3): δ 5.25 (s, 1H), 5.15 (s, 1H), 4.80 (td, J = 6.8, 10.0 Hz, 1H), 

4.42 (d, J = 12.0 Hz, 1H), 3.81 (dd, J = 1.2, 12.0 Hz, 1H), 3.23 (d, J = 10.0 Hz, 1H), 2.94 

(dd, J = 6.8, 12.4 Hz, 1H), 2.37 (app q, J = 8.8 Hz, 1H), 2.12-2.03 (m, 1H), 2.10 (s, 3H), 

2.07 (s, 3H), 1.97 (ddd, J = 6.0, 12.4, 15.2 Hz, 1H), 1.89 (dd, J = 8.4, 10.8 Hz, 1H), 1.72 

(app t, J = 9.6 Hz, 1H), 1.67 – 1.59 (m, 2H), 1.61 – 1.53 (m, 1H), 1.51 – 1.37 (m, 1H), 1.01 

(s, 3H), 0.98 (s, 3H) ppm. 

13C NMR (101 MHz, CDCl3): δ 170.9 (C), 170.3 (C), 146.9 (C), 115.6 (CH2), 73.0 (CH), 

67.4 (CH2), 61.2 (C), 61.0 (CH), 54.1 (CH), 47.3 (CH), 42.8 (CH2), 42.5 (CH2), 33.4 (C), 

30.8 (CH2), 29.9 (CH3), 27.4 (CH2), 21.6 (CH3), 21.2 (CH3), 21.0 (CH3) ppm. 

ATR-FTIR: 1741 (C=O), 1229 (C-O) cm-1. 

HRMS (ESI): C19H28O5 [M+H]+ requires 359.1829 m/z, found 359.1822 m/z. 

Rf = 0.49 (20:80 EtOAc/PS, silica gel). 

  







245 
 

ATR-FTIR: 3450 (OH), 2923 (aliphatic CH), 2858 (aliphatic CH), 1738 (C=O), 1248 (C-

O) cm-1. 

8.4.13 Preparation of 5,6-dihydroxycaryophyll-3,8-diene 154 

 

Glacial AcOH (1 mL, 1050 mg, 18 μmol) was added to a solution of freshly prepared 

methyl triol 146 (23 mg, 0.09 mmol) in dry CH2Cl2 (5 mL) until consumption of starting 

material was indicated by TLC analysis. After 8 days the reaction mixture was diluted with 

CH2Cl2 (20 mL) and the solution was washed with NaHCO3 solution (5%, 3 x 30 mL). The 

organic layer was dried over anhydrous MgSO4 and concentrated under reduced pressure 

to afford a colourless oil (16 mg). The oil was purified by column chromatography (0:100-

15:85 EtOAc/PS, Et3N treated silica gel) to afford 5,6-dihydroxycaryophyll-3,8-diene 154 

as a colourless oil (2 mg, 8 μmol, 10%). 

1H NMR (400 MHz, CDCl3): δ 5.57 (td, J = 1.6, 7.6 Hz, 1H), 4.92 (s, 1H), 4.82 (t, J = 2.0 

Hz, 1H), 4.33 (d, J = 9.6 Hz, 1H), 3.74 (m, 1H), 2.70 (app q, J = 9.2 Hz, 1H), 2.46-2.32 (m, 

2H), 2.15-2.03 (m, 2H), 1.98 (ddd, J = 2.0, 8.8, 14.4 Hz, 1H), 1.70 (s, 3H), 1.62 (app t, J = 

10.0 Hz, 1H), 1.56 (m, 1H), 1.01 (s, 3H), 0.98 (s, 3H) ppm. 

13C NMR (101 MHz, CDCl3): δ 148.2 (C), 136.9 (C), 127.2 (CH), 115.6 (CH2), 74.2 (CH), 

71.2 (CH), 49.4 (CH), 43.0 (CH), 40.6 (CH2), 38.1 (CH2), 33.3 (C), 30.0 (CH3), 28.9 (CH2), 

22.6 (CH3), 17.1 (CH3) ppm. 

ATR-FTIR: 3404 (OH), 3077 (vinylic CH) 2951 (aliphatic CH), 2924 (aliphatic CH), 2856 

(aliphatic CH), 1631 (exocyclic C=C), 1040 (C-O) cm-1. 
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8.4.14 Scaevola crassifolia neutrals auto-oxidation with phenols FTIR timecourse study 

The study was conducted in 20 mL glass sample vials. Seven samples were prepared in 

duplicate: 

• Phenols control 

• Neutrals control 

• Neutrals + 10% w/w phenols 

• Neutrals + 30% w/w phenols 

• Neutrals + 50% w/w phenols 

• Neutrals + 80% w/w phenols 

• Neutrals + 100% w/w phenols 

A solution of S. crassifolia neutrals fraction in Et2O was prepared and then distributed 

evenly into each of the sample vials, apart from the phenols control vials. A stock solution 

of S. crassifolia phenols fraction in Et2O was prepared and dispensed into each of the 

neutrals fraction solutions that were doped with phenols. The phenols stock solution was 

also dispensed into the phenols control sample vials. The Et2O was evaporated by leaving 

the solutions to stand at room temperature, allowing for the neutrals, phenols or neutrals 

and phenols mixtures to be exposed to air.  

Analysis of the mixtures using FTIR spectroscopy was achieved by dissolution of each 

sample in equal volumes of Et2O and dispensing the solution on to the ATR crystal. After 

evaporation of the solvent, the spectra were collected.  

FTIR spectra were analysed using OPUS version 7.0. The second derivative FTIR spectra 

were calculated from vector-normalized raw spectra (vector normalized across the 

asymmetric methylene C-H stretching bands from 2940-2900 cm-1 and the symmetric 

methylene C-H stretching bands from 2870-2830 cm-1) using a nine-point smoothing 

Savitzky-Golay function. 
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8.4.14 Scaevola crassifolia neutrals auto-oxidation with BHT 156 FTIR timecourse 

study 

The study was conducted in 20 mL glass sample vials. Five samples were prepared in 

duplicate: 

• Phenols control 

• Neutrals control 

• Neutrals + 10% w/w BHT 156 

• Neutrals + 50% w/w BHT 156 

• Neutrals + 100% w/w BHT 156 

A solution of S. crassifolia neutrals fraction in Et2O was prepared and then distributed 

evenly into each of the sample vials, apart from the phenols control vials. A stock solution 

of BHT 156 in Et2O was prepared and dispensed into each of the of the neutrals fraction 

solutions that were doped with phenols. The phenols stock solution was also dispensed into 

the phenols control sample vials. The Et2O was evaporated by leaving the solutions to stand 

at room temperature, allowing for the neutrals, BHT 156, or neutrals and BHT 156 mixtures 

to be exposed to air.  

Analysis of the mixtures using FTIR spectroscopy was achieved by dissolution of each 

sample in equal volumes of Et2O and dispensing the solution on to the ATR crystal. After 

evaporation of the solvent, the spectra were collected.  

FTIR spectra were analysed using OPUS version 7.0. The second derivative FTIR spectra 

were calculated from vector-normalized raw spectra (vector normalized across the 

asymmetric methylene C-H stretching bands from 2940-2900 cm-1 and the symmetric 

methylene C-H stretching bands from 2870-2830 cm-1) using a nine-point smoothing 

Savitzky-Golay function. 
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8.5 Chapter 5 

8.5.1 Extraction and isolation of flavanones from Scaevola crassifolia 

Fresh S. crassifolia leaves (1.16 kg) were steeped in Et2O. After 20 mins the extract was 

filtered to removed detritus and the filtrate was concentrated under reduced pressure to 

afford a dark yellow oil (33.72 g, 2.91% w/w).  

The yellow oil (33.72 g) was dissolved in Et2O (300 mL) and washed with HCl (1M, 2 x 

300 mL). The combined HCl washes were set aside. The organic layer was washed with 

NaHCO3 solution (5%, 2 x 300 mL) and the aqueous washes were set aside. The organic 

layer was washed with NaOH solution (5%, 2 x 300 mL) and the combined washes were 

set aside. The organic layer was dried over anhydrous MgSO4 and concentrated under 

reduced pressure to afford the neutrals fraction as a yellow oil (9.58 g, 0.83% w/w).  

The combined HCl washes were basified using NaOH pellets until the solution turned deep 

red in colour. The basified solution was extracted with CH2Cl2 (4 x 150 mL). The combined 

organic extracts were dried over anhydrous MgSO4 and concentrated under reduced 

pressure to afford the amines fraction as a green tinged oil (169 mg, 0.01% w/w).  

The combined NaHCO3 washes were acidified using concentrated HCl (32%) until the 

effervescence ceased in solution. The acidified solution was extracted with CH2Cl2 (4 x 

150 mL) and the combined organic extracts were dried over anhydrous MgSO4. The dried 

solution was concentrated under reduced pressure to afford the carboxylic acids fraction as 

a yellow-green oil (190 mg, 0.02% w/w). 

The combined NaOH washes were acidified using concentrated HCl (32%) until the 

solution turned bright yellow with floating dark red components. The mixture was extracted 

with CH2Cl2 (4 x 150 mL). The combined organic extracts were dried over anhydrous 

MgSO4 and concentrated under reduced pressure to afford the phenols fraction as a red-

orange solid (9.68 g, 0.83% w/w).  

A fraction of the phenols fraction (451 mg) was purified by column chromatography 

(0:100-5:95 MeOH/CH2Cl2, silica gel) to give a mixture of flavanones 138 and 139 as a 

yellow solid (163 mg, 0.46 mmol, 0.21%) and chalcone 157 as an orange solid (72 mg, 

0.20 mmol, 0.09%). Flavanones 138 and 139 were further purified by trituration using 

MeCN to afford flavanone 138 as a white solid (24 mg, 0.03 mmol, 0.04%). 
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Chalcone 157: 

 

1H NMR (400 MHz, Acetone-d6): δ 14.45 (s, 1H), 8.08 (d, J = 15.2 Hz, 1H), 7.69 (d, J = 

15.2 Hz, 1H), 7.19 (d, J = 2.0 Hz, 1H), 7.08 (dd, J = 2.0, 8.4 Hz, 1H), 6.88 (d, J = 8.0 Hz, 

1H), 6.09 (s, 1H), 5.24 (t, J = 7.2 Hz, 1H), 3.26 (d, J = 7.2 Hz, 2H), 1.75 (s, 3H), 1.63 (s, 

3H) ppm. 

13C NMR (101 MHz, Acetone-d6): δ 193.3 (C=O), 165.8 (C), 162.7 (C), 160.1 (C), 148.7 

(C), 146.3 (C), 143.4 (CH), 130.7 (C), 128.9 (C), 125.6 (CH), 124.2 (CH), 122.9 (CH), 

116.4 (CH), 115.3 (CH), 108.0 (C), 105.7 (C), 95.3 (CH), 25.9 (CH3), 22.0 (CH2), 17.9 

(CH3) ppm. 

ATR-FTIR: 3308 (OH), 2959 (aliphatic CH), 2922 (aliphatic CH), 2854 (aliphatic CH), 

1597 (C=O), 1256 (C-O) cm-1.  

HRMS (ESI): C20H20O6 [M+H]+ requires 357.1333 m/z, found 357.1325 m/z. 

Rf = 0.27 (10:90 MeOH/CH2Cl2, silica gel), Vanillin stain (red). 
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8.5.2 Base catalysed cyclisation of chalcone 157 

 

Et3N (260 μL, 1.87 mmol) was added to a solution of chalcone 157 (10 mg, 0.028 mmol) 

in dry THF (6 mL) and the reaction mixture was heated at reflux. The reaction mixture 

turned red upon addition of Et3N. After 6 hours, the reaction mixture was allowed to cool 

to room temperature and was concentrated in vacuo to afford a sticky orange oil. The oil 

was diluted with EtOAc (25 mL) and the organic solution was washed with HCl solution 

(1M, 3 x 25 mL). The organic layer was dried over anhydrous MgSO4 and concentrated in 

vacuo to afford an orange oil (10 mg). The oil was purified by column chromatography 

(1:99 MeOH/CH2Cl2) to afford the flavanone 139 as a yellow oil (2 mg, 20%). 

1H NMR (400 MHz, Acetone-d6): δ 12.46 (s, 1H), 7.02 (s, 1H), 6.85 (d, J = 1.2 Hz, 1H), 

6.02 (s, 1H), 5.62 (s, 1H), 5.35 (dd, J = 2.8, 12.4 Hz, 1H), 5.23 (tdd, J = 1.2, 1.6, 7.2 Hz, 

1H), 3.24 (d, J = 7.2 Hz, 2H), 3.11 (dd, J = 12.8, 17.2 Hz, 1H), 2.70 (dd, J = 3.2, 17.2 Hz, 

1H), 1.75 (d, J = 1.2 Hz, 3H), 1.63 (d, J = 1.2 Hz, 3H) ppm. 

13C NMR (101 MHz, Acetone-d6): δ 197.3 (C=O), 164.8 (C), 162.3 (C), 162.0 (C), 146.4 

(C), 146.0 (C), 131.7 (C), 131.2 (C), 123.6 (CH), 119.2 (CH), 116.0 (CH), 114.7 (CH), 

109.0 (C), 103.1 (C), 95.3 (CH), 79.9 (CH), 43.7 (CH2), 25.9 (CH3), 21.6 (CH2), 17.8 (CH3) 

ppm. 

ATR-FTIR: 1634 (C=O, asym), 1603 (C=O, sym) cm-1, 1524 (ar C=C), 1450 (ar C=C), 

1158 (C-O) cm-1. 

Rf = 0.48 (10:90 MeOH/CH2Cl2, silica gel), Vanillin stain (pink/red). 
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8.6 Chapter 6 

8.6.1 Preparation of caryophyllene tetrol 174 

 

Aqueous NH3 (30%, 3 mL, 47 mmol) was added to a solution of acetate triol caryophyllene 

148 (30 mg, 0.10 mmol) in MeOH (5 mL). The reaction mixture turned green upon addition 

of the NH3 solution. The reaction mixture was stirred at room temperature. After 48 hours, 

the reaction mixture was concentrated under reduced pressure to afford a yellow oil 

dispersed with yellow solid (28 mg). The mixture was purified by column chromatography 

(1:99 MeOH/CH2Cl2, silica gel) to afford the tetrol 174 as a colourless oil (14 mg, 0.05 

mmol, 54%). 

1H NMR (400 MHz, D2O): 5.30 (s, 1H), 5.10 (s, 1H), 3.84 (d, J = 12.4 Hz, 1H), 3.73 (ddd, 

J = 7.2, 10.0 Hz, 1H) 3.43 (dd, J = 1.2, 12.4 Hz, 1H), 3.30 (d, J = 10.0 Hz, 1H), 2.81 (dd, 

J = 6.8, 12.0 Hz, 1H), 2.49 (app q, J = 9.2 Hz, 1H), 2.22-2.09 (m, 2H), 1.88 (dd, J = 8.0, 

10.0 Hz, 1H), 1.78 (app t, J = 9.6 Hz, 1H), 1.67-1.46 (m, 4H), 1.01 (s, 3H), 0.99 (s, 3H) 

ppm. 

13C NMR (101 MHz, D2O): δ 148.2 (C), 114.2 (CH2), 70.5 (CH), 65.4 (C), 65.2 (CH2), 

64.6 (CH), 53.1 (CH), 46.2 (CH), 44.6 (CH2), 41.7 (CH2), 32.5 (C), 29.5 (CH2), 28.7 (CH3), 

26.5 (CH2), 20.6 (CH3) ppm. 

ATR-FTIR: 3371 (OH), 3072 (vinylic CH), 2950 (aliphatic CH), 2928 (aliphatic CH), 

2859 (aliphatic CH), 1637 (C=C), 1027 (C-O) cm-1. 

Rf = 0.27 (10:90 MeOH/CH2Cl2, silica gel), Vanillin stain (dark blue). 
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8.6.2 Preparation of acetate triol caryophyllene oxide 179  

 

A solution of m-CPBA (39 mg, 0.23 mmol) in dry CH2Cl2 (6 mL) was added to the acetate 

triol caryophyllene 148 (21 mg, 0.07 mmol) in portions at 0ºC. The solution was allowed 

to warm to room temperature and stirred. The solution was allowed to warm to room 

temperature and stirred. After 16 hours, the solution was diluted with CH2Cl2 (40 mL) and 

washed with NaOH solution (5%, 3 x 40 mL) and deionised water (60 mL). The organic 

layer was dried over anhydrous MgSO4 and concentrated under reduced pressure to afford 

a yellow oil (16 mg). The oil was purified by column chromatography (30:70 EtOAc/PS, 

silica gel) to afford epoxide 179 as a colourless oil (16 mg, 0.05 mmol, 72%). 

1H NMR (400 MHz, CDCl3): δ 4.27 (d, J = 12.0 Hz, 1H), 4.06 (d, J = 12.0, 1H), 3.71 (tdd, 

J = 4.0, 6.0, 9.6 Hz, 1H), 3.16 (d, J = 9.6 Hz, 1H), 2.77 (dd, J = 1.2, 4.4 Hz, 1H), 2.69 (d, 

J = 4.4 Hz, 1H), 2.36 (app q, J = 9.2 Hz, 1H), 2.28 (d, J = 3.6 Hz, 1H), 2.21 (ddd, J = 1.2, 

9.2, 13.6 Hz, 1H), 2.15 (s, 3H), 2.06 – 1.97 (m, 2H), 1.72 – 1.65 (m, 1H), 1.57 (s, 3H), 1.19 

(app t, J = 10.8 Hz, 1H), 0.96 (s, 3H), 0.93 (s, 3H) ppm. 

13C NMR (101 MHz, CDCl3): δ 170.8 (C), 68.0 (CH), 66.7 (CH2), 64.9 (CH), 62.1 (C), 

56.5 (C), 49.8 (CH), 48.5 (CH2), 46.1 (CH), 43.9 (CH2), 35.4 (CH2), 33.7 (C), 30.4 (CH2), 

30.1 (CH3), 26.6 (CH2), 21.8 (CH3), 21.0 (CH3) ppm. 

ATR-FTIR: 3457 (br OH), 1741 (C=O), 1232 (C-O) cm-1. 

Rf = 0.42 (30:70 EtOAc/PS, silica gel). 
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8.6.3 Preparation of 12-acetoxy-4,8-dihydroxy-5,6,13-tristrifluoroacetoxycaryophyllene 

aldehyde 180 

 

TFAA (0.5 mL, 0.756 g, 3.60 mmol) was added dropwise to a solution of the acetate triol 

epoxide 179 (23 mg, 0.07 mmol) in dry pyridine (7 mL). The reaction mixture was stirred 

under an atmosphere of dry air. After 16 hours, the reaction mixture was concentrated under 

reduced pressure to afford a dark brown oil. The oil was dissolved in water (30 mL) and 

extracted with Et2O (3 x 50 mL). The combined organic extracts were dried over anhydrous 

MgSO4 and concentrated under reduced pressure to afford a dark orange oil (63 mg). The 

oil was purified by column chromatography (10:90 EtOAc/PS, silica gel) to afford 

compound 180 as an impure colourless oil (2 mg, 4%). Selected signals shown in the NMR 

data. 

1H NMR (400 MHz, CDCl3): δ 9.88 (s, 1H), 4.33 (d, J = 6.8 Hz, 1H), 4.23 (m, 1H), 4.09 

(d, J = 11.6 Hz, 1H), 3.94 (d, 11.6 Hz, 1H), 2.73 (dd, J = 10.4, 14.4 Hz, 1H), 2.02 (s, 3H), 

1.89 (td, J = 2.8, 11.6 Hz, 1H), 1.71 (dd, J = 7.2, 10.0 Hz, 1H), 1.39 (dd, J = 4.0, 14.4 Hz, 

1H), 1.07 (s, 6H) ppm. 

ATR-FTIR: 3430 (OH), 2932 (aliphatic CH), 2864 (aliphatic CH), 1741 (C=O), 1716 

(C=O) cm-1. 
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8.6.5 Preparation of diacetate caryophyllene oxide diol 182 

 

A solution of KMnO4 (40 mg, 0.25 mmol) in deionised water (1.5 mL) was added dropwise 

to a stirred solution of the diacetate epoxide 150 (38 mg, 0.114 mmol) in EtOH (3 mL) at 

0ºC. The KMnO4 solution turned brown upon addition to the epoxide solution. Anhydrous 

MgSO4 (34 mg, 0.283 mmol) was added to the reaction mixture and the mixture was 

allowed to warm to room temperature. After 4.5 hours, the reaction mixture was filtered 

through celite. The celite was washed with EtOAc and the combined filtrate and washes 

were concentrated under reduced pressure to afford a yellow residue (39 mg). The residue 

was diluted with deionised water (15 mL) and brine (15 mL). The aqueous solution was set 

aside and the remaining residue was diluted with EtOAc (30 mL) and set aside. The aqueous 

solution (30 mL) was extracted with EtOAc (2 x 50 mL) and the organic extracts were 

combined with the organic residue solution. The organic solution was dried over anhydrous 

MgSO4 and concentrated under reduced pressure to afford a colourless oil (33 mg). The oil 

was purified by column chromatography (1:99 MeOH/CH2Cl2, silica gel) to afford the diol 

182 as a yellow tinged oil (10 mg, 27 μmol, 23%). 

1H NMR (400 MHz, CDCl3): δ 5.00 (td, J = 4.4, 9.6 Hz, 1H), 4.33 (d, J = 12.0 Hz, 1H), 

4.22 (d, J = 12.0 Hz, 1H), 3.66 (d, J = 11.2 Hz, 1H), 3.51 (d, J = 11.2 Hz, 1H), 3.31 (d, J = 

9.6 Hz, 1H), 2.38 – 2.32 (m, 2H), 2.14 (s, 3H), 2.07 (s, 3H), 1.90 (dd, J = 9.2, 13.6 Hz, 1H), 

1.81 – 1.77 (m, 2H), 1.74 (dd, J = 8.4, 10.8 Hz, 1H), 1.67 (app t, J = 9.2 Hz, 1H), 1.63 – 

1.56 (m, 1H), 1.43 – 1.36 (m, 2H), 0.97, (s, 3H). 0.96 (s, 3H) ppm. 

13C NMR (101 MHz, CDCl3): δ 170.7 (C=O), 170.3 (C=O), 74.1 (C), 69.0 (CH), 66.3 

(CH2), 64.5 (CH2), 62.5 (C), 62.2 (CH), 49.7 (CH), 46.0 (CH), 42.3 (CH2), 36.1 (CH2), 33.6 

(C), 30.4 (CH2), 30.2 (CH3), 27.3 (CH2), 22.2 (CH3), 21.2 (CH3), 20.9 (CH3) ppm. 

ATR-FTIR: 3467 (OH), 1724 (br, C=O) cm-1. 
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HRMS (ESI): C19H30O7 [M+Na]+ requires 393.1884 m/z, found 393.1873 m/z. 

Rf = 0.32 (5:95 MeOH/CH2Cl2, silica gel), Vanillin stain (blue). 

8.6.6 Preparation of pentol acetate 172 and hexol 173 

 

Aqueous NH3 (30%, 2 mL) was added to a solution of the diacetate caryophyllene epoxide 

diol 182 (26 mg, 0.07 mmol) in MeOH (5 mL). After 2 hours, the reaction mixture was 

diluted with EtOH (15 mL) and the solution was concentrated under reduced pressure to a 

colourless oil (20 mg). The product was purified by column chromatography (3:97 

MeOH/CH2Cl2, silica gel) to afford the pentol acetate 172 as a colourless oil (3 mg, 8 μmol, 

11%) and hexol 173 as a colourless oil (3 mg, 0.01 mmol, 15%).  

Pentol acetate 167 

1H NMR (400 MHz, D2O): δ 5.10 (ddd, J = 4.8, 10.0, 14.8 Hz, 1H), 3.97 (d, J = 12.0 Hz, 

1H), 3.80 (d, J = 12.4 Hz, 1H), 3.77 (d, J = 12.4 Hz, 1H), 3.53 (d, J = 12.0 Hz, 1H), 3.46 

(d, J = 10.0 Hz, 1H), 2.48 (app q, J = 9.6 Hz, 1H), 2.43 (dd, J = 4.8, 13.6 Hz, 1H), 2.13 (s, 

3H), 1.97 (ddd, J = 5.6, 12.8, 15.6 Hz, 1H), 1.93 (dd, J = 10.8, 13.2 Hz, 1H), 1.75-1.60 (m, 

6H), 0.97 (s, 3H), 0.96 (s, 3H) ppm. 

ATR-FTIR: 3405 (OH), 2953 (aliphatic CH), 2925 (aliphatic CH), 2856 (aliphatic CH), 

1719 (C=O), 1256 (C-O), 1039 (C-O) cm-1. 

Hexol 168 

1H NMR (400 MHz, D2O): δ 3.93 (d, J = 12.0 Hz, 1H), 3.84 (ddd, J = 4.8, 10.0, 14.8 Hz, 

1H), 3.80 (d, J = 12.0 Hz, 1H), 3.67 (d, J = 12.0 Hz, 1H), 3.44 (d, J = 12.0 Hz, 1H), 3.26 

(d, J = 10.0 Hz, 1H), 2.43 (m, J = 4.8, 13.2 Hz, 2H), 1.98 (ddd, J = 5.6, 13.2, 15.6 Hz, 1H), 

1.78 (dd, J = 10.8, 12.8 Hz, 1H), 1.74-1.60 (m, 5H), 1.54-1.42 (m 1H), 0.96 (s, 3H), 0.95 

(s, 3H) ppm. 
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5.04 (s, 1H), 2.94 (dd, J = 6.4, 11.6 Hz, 1H), 2.59 (m, 1H), 2.35 (app q, J = 9.2 Hz, 1H), 

2.17 (app t, J = 10.8 Hz, 1H), 1.83 (dd, J = 8.4, 10.8 Hz, 1H), 1.77 (s, 3H), 1.73 – 1.65 (m, 

1H), 1.61 (m, 3H), 1.48 (app t, J = 9.6 Hz, 1H), 1.00 (s, 3H), 0.99 (s, 3H) ppm. 

13C NMR (101 MHz, CDCl3): δ 166.3 (C), 149.4 (C), 139.1 (C), 132.8 (CH), 130.9 (C), 

129.7 (CH), 128.4 (CH), 124.2 (CH), 113.6 (CH2), 73.5 (CH), 55.9 (CH), 49.1 (CH), 45.6 

(CH2), 42.4 (CH2), 35.0 (CH2), 32.9 (C), 31.2 (CH2), 30.0 (CH3), 23.0 (CH3), 22.0 (CH3) 

ppm. 

ATR-FTIR: 3071 (vinylic CH), 2928 (aliphatic CH), 2858 (aliphatic CH), 1716 (C=O), 

1638 (C=C), 1267 (C-O) cm-1. 

Rf = 0.68 (5:95 EtOAc/PS, silica gel). 

8.6.8 Preparation of 6-chlorocaryophyllene 184 

 

A solution of 6-hydroxycaryophyllene 1 (60 mg, 0.27 mmol) in dry CHCl3 (4 mL) was 

added to a slurry of PCl5 (202 mg, 0.97 mmol) and anhydrous Na2CO3 (85 mg, 0.80 mmol) 

in dry CHCl3 (3 mL) at 0ºC with stirring under N2. The reaction mixture was allowed to 

warm to room temperature. After 18 hours, the reaction mixture was a filtered and the 

filtrate was concentrated under reduced pressure to afford a yellow oil (63 mg). The oil was 

dissolved in EtOAc (50 mL) and the solution was washed with saturated Na2CO3 (3 x 50 

mL). The organic layer was dried over anhydrous MgSO4 and concentrated under reduced 

pressure to afford the 6-chlorocaryophyllene 184 (51 mg, 0.21 mmol, 77%). 

1H NMR (400 MHz, CDCl3): δ 5.34 (dt, J = 2.0, 10.8 Hz, 1H), 5.05 (s, 1H), 4.93 (s, 1H), 

4.71 (ddd, J = 6.4, 11.2, 17.2 Hz, 1H), 2.92 (dd, J = 6.0, 12.0 Hz, 1H), 2.57 (dd, J = 6.4, 

14.0 Hz, 1H), 2.33-2.22 (m, 2H), 1.78 (dd, J = 8.4, 10.8 Hz, 1H), 1.72-1.66 (m 1H), 1.63 

(s, 3H), 1.62-1.53 (m, 3H), 1.40 (app q, J = 10.0 Hz, 1H), 0.97 (s, 3H), 0.96 (s, 3H) ppm. 

13C NMR (101 MHz, CDCl3): δ 151.0 (C), 138.3 (C), 127.0 (CH), 113.5 (CH2), 58.1 (CH), 

56.0 (CH), 51.3 (CH2), 48.8 (CH), 42.1 (CH2), 34.8 (CH2), 32.9 (C), 31.1 (CH2), 29.9 

(CH3), 22.6 (CH3) 21.9 (CH3) ppm. 
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ATR-FTIR: 3071 (vinylic CH), 2951 (aliphatic CH), 2927 (aliphatic CH), 2858 (aliphatic 

CH), 1668 (endocyclic C=C), 1634 (exocylic C=C), 757 (C-Cl) cm-1. 

HRMS (ESI): C15H23Cl [M+H]+ requires 239.1561 m/z, found 239.1555 m/z. 

8.6.9 Preparation of 4-hydroxycaryophyll-5,8-diene 185 

 

AgBF4 (114 mg, 0.58 mmol) was added to a solution of 6-chlorocaryophyllene 184 (25 mg, 

0.10 mmol) in dry THF (3 mL) at 0ºC. The reacion mixture was stirred at 0ºC under N2 and 

protected from light. After 2 hours, deionised water (3 mL) was added to the reaction 

mixture and stirred. After 16 hours the mixture was diluted with deionised water (10 mL) 

and extracted with Et2O (3 x 15 mL). The combined organic extracts were dried over 

anhydrous MgSO4 and concentrated under reduced pressure to afford a colourless oil (62 

mg). The oil was purified by column chromatography (0:100-50:50 EtOAc/PS, silica gel) 

to afford 4-hydroxycaryophyll-5,8-diene 185 (4 mg, 19%) and 6-hydroxycaryophyllene 1 

(3 mg, 11%) as colourless oils. NMR spectrum of 185 was impure, and selected signals are 

shown in the NMR data.  

1H NMR (400 MHz, CDCl3): δ 5.85 (ddd, J = 4.8, 8.4, 16.4 Hz, 1H), 5.39 (dd, J = 2.0, 

16.0 Hz, 1H), 4.87 (m, 1H), 4.84 (m, 1H), 2.98 (m, 1H), 2.73 (ddt, J = 1.6, 8.4, 15.6 Hz, 

1H), 2.23 (app q, J = 8.0 Hz 1H), 1.87-1.80 (m, 1H), 1.68 (t, J = 10.8 Hz, 1H), 1.28 (s, 3H), 

0.95 (s, 3H), 0.94 (s, 3H) ppm.  
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8.6.10 Preparation of 12-acetoxy-6-chlorocaryophyllene 186 

 

A solution of the caryophyllene acetate  (34 mg, 0.12 mmol) in dry CH2Cl2 (5 mL) was 

added dropwise to a stirred slurry of PCl5 (144 mg, 0.69 mmol) and anhydrous Na2CO3 

(126 mg, 1.19 mmol) in dry CH2Cl2 (2 mL) at 0ºC. Upon addition of the caryophyllene 

acetate 2 the reaction mixture turned bright yellow in colour. After 90 mins, the reaction 

mixture was filtered and the residue was washed with CH2Cl2. The combined filtrate and 

washes were concentrated under reduced pressure to afford a yellow oil (40 mg). The oil 

was dissolved in EtOAc (25 mL) and the solution was washed with saturated NaHCO3 

solution (3 x 30 mL). The organic layer was dried over anhydrous MgSO4 and concentrated 

under reduced pressure to afford 14-acetoxy-6-chlorocaryophyllene 186 as a yellow oil (32 

mg). The product was not purified further due to its instability. 

8.6.11 Preparation of 12-acetoxy-6-hydroxy-Z-caryophyllene 189 

 

NaN3 (23 mg, 0.35 mmol) was added to a solution of 12-acetoxy-6-chlorocaryophyllene 

186 (32 mg, 0.11 mmol) in acetone (5 mL). The reaction mixture was stirred at room 

temperature. After 4 days, the reaction mixture was concentrated under reduced pressure 

to afford a white solid. The residue was diluted with deionised water (30 mL) and CH2Cl2 

(25 mL). The organic layer was separated and the aqueous layer was further extracted with 

CH2Cl2 (2 x 25 mL). The combined organic extracts were dried over anhydrous MgSO4 

and concentrated under reduced pressure to afford a yellow oil (26 mg). The oil was purified 

by column chromatography (1:99 EtOAc/PS, silica gel) to afford 12-acetoxy-6-hydroxy-Z-

caryophyllene 189 as a colourless oil (21 mg, 0.08 mmol, 70%). 
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1H NMR (400 MHz, CDCl3): δ 5.51 (d, J = 11.2 Hz, 1H), 5.08 (s, 1H), 4.94 (s, 1H), 4.72 

(ddd, J = 6.0, 10.8, 17.2 Hz, 1H), 4.56 (d, J = 12.4 Hz, 1H), 4.36 (d, J = 12.4 Hz, 1H), 2.96 

(dd, J = 6.0, 12.0 Hz, 1H), 2.50 (m, 1H), 2.29-2.20 (m, 2H), 2.06 (s, 3H), 1.88-1.76 (m, 

2H), 1.71-1.62 (m, 2H), 1.62-1.54 (m, 1H), 1.41 (td, J = 2.4, 9.6 Hz, 1H), 0.98 (s, 3H), 0.97 

(s, 3H) ppm. 

13C NMR (101 MHz, CDCl3): δ 171.0 (C=O), 151.1 (C), 135.6 (C), 131.9 (CH), 114.0 

(CH2), 64.6 (CH2), 56.4 (CH), 56.1 (CH), 51.1 (CH2), 48.7 (CH), 42.1 (CH2), 33.1 (C), 30.9 

(CH2), 30.3 (CH2), 30.0 (CH3), 21.9 (CH3), 21.0 (CH3) ppm. 

ATR-FTIR: 3393 (OH), 3072 (vinylic CH), 2951 (aliphatic CH), 2929 (aliphatic CH), 

2861 (aliphatic CH), 1738 (C=O), 1635 (C=C), 1221 (C-O) cm-1. 

8.6.12 Preparation of 12-acetoxy-4-hydroxycaryophyllene 190 

 

Et3N (30 μL, 22 mg, 0.2 μmol) and DMAP (~1 mg) were added to a stirred solution of 

caryophyllene acetate 2 (27 mg, 0.10 mmol) and tosyl chloride (36 mg, 0.19 mmol) in dry 

CH2Cl2 (5 mL). The reaction mixture was stirred at room temperature. After 24 hours, tosyl 

chloride (26 mg, 0.14 mmol) was added to the reaction mixture and the reaction mixture 

was stirred at room temperature. After 2 additional days, deionised water (10 mL) was 

added to the reaction mixture and the reaction mixture was stirred at room temperature. 

After 30 mins, CH2Cl2 (15 mL) was added to the mixture and the organic layer was 

separated. The organic solution was washed with HCl solution (1M, 2 x 25 mL), followed 

by NaHCO3 solution (5%, 2 x 25 mL). The organic layer was dried over anhydrous MgSO4 

and concentrated under reduced pressure to afford a yellow tinged oil (49 mg). The oil was 

purified by column chromatography (0:100-10:90 EtOAc/PS, silica gel) to afford impure 

12-acetoxy-4-hydroxycaryophyllene 190 (8 mg). Impure 12-acetoxy-4-

hydroxycaryophyllene 190 was further purified by column chromatography (0:100-50:50 

CH2Cl2/PS, silica gel) to afford 12-acetoxy-4-hydroxycaryophyllene 190 as a colourless oil 

(3 mg, 9 μmol, 9%). 
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1H NMR (400 MHz, CDCl3): δ 6.03 (ddd, J = 4.8, 8.0, 16.0 Hz, 1H), 5.33 (dd, J = 2.0, 

16.0 Hz, 1H), 4.88 (t, J = 5.6 Hz, 1H), 4.84 (s, 1H), 4.08 (d, J = 11.2 Hz, 1H), 3.98 (d, J = 

11.2 Hz, 1H), 3.00 (ddd, J = 2.0, 4.8, 15.2 Hz, 1H), 2.76 (ddt, J = 2.0, 8.4, 15.6 Hz, 1H), 

2.25 (app q, J = 9.2 Hz, 1H) 2.08 (s, 3H), 1.86 (m, 1H), 1.69 (app t, J = 10.8 Hz, 1H), 1.53 

(dd, J = 8.0, 10.8 Hz, 1H), 1.45-1.39 (m, 2H), 1.31-1.26 (m, 2H), 0.95 (s, 3H), 0.94 (s, 3H) 

ppm. 

13C NMR (101 MHz, CDCl3): δ 171.1 (C=O), 153.9 (C), 138.7 (CH), 125.5 (CH), 108.5 

(CH2), 75.3 (C), 70.9 (CH2), 61.6 (CH), 45.7 (CH), 40.9 (CH2), 38.1 (CH2), 36.2 (CH2), 

35.3 (C), 29.9 (CH3), 23.9 (CH2), 22.2 (CH3), 20.9 (CH3) ppm. 

ATR-FTIR: 3476 (OH), 2952 (aliphatic CH), 2925 (aliphatic CH), 2857 (aliphatic CH), 

1739 (C=O), 1636 (C=C), 1239 (C-O) cm-1. 

8.6.13 Preparation of 4,5,6-trihydroxycaryophyllene aldehyde 191 

 

Activated MnO2 (527 mg, 6.06 mmol) was added to a solution of the diol caryophyllene 3 

(25 mg, 0.11 mmol) in dry CH2Cl2 (5 mL) and the reaction mixture was stirred at room 

temperature. After 50 mins, the reaction mixture was filtered through celite and the celite 

was washed with EtOAc (3 x 5 mL). The combined filtrate and washes were concentrated 

under reduced pressure to afford a yellow tinged oil (16 mg). The oil was purified by 

column chromatography (0:100-50:50 EtOAc/PS, silica gel) to afford 4,5,6-

trihydroxycaryophyllene aldehyde 191 as a yellow tinged oil (3 mg, 0.01 mmol, 12%). 

1H NMR (400 MHz, CDCl3): δ 9.18 (s, 1H), 5.01 (s, 1H), 4.96 (s, 1H), 3.86 (ddd, J = 6.8, 

10.4, 16.8 Hz, 1H), 3.33 (d, J = 9.6 Hz, 1H), 2.81 (dd, J = 6.8, 12.4 Hz, 1H), 2.53 (dd, J = 

2.4, 6.4 Hz, 1H), 2.27 (app q, J = 8.8 Hz, 1H), 2.07 (ddd, J = 1.2, 10.4, 12.4 Hz, 1H), 1.87 

(dd, J = 8.4, 10.8 Hz, 1H), 1.79 (app t, J = 10.0 Hz, 1H), 1.67 (m, 1H), 1.55 (app t, J = 10.4 

Hz, 1H), 1.42-1.35 (m, 2H), 1.02 (s, 3H), 0.98 (s, 3H) ppm. 



263 
 

13C NMR (101 MHz, CDCl3): δ 197.6 (C(H)=O), 146.8 (C), 115.7 (CH2), 70.3 (CH), 64.5 

(CH), 65.3 (C), 52.8 (CH), 47.5 (CH), 44.8 (CH2), 42.5 (CH2), 33.2 (C), 29.8 (CH3), 27.7 

(CH2), 26.0 (CH2), 21.7 (CH3) ppm. 

ATR-FTIR: 3415 (OH), 3072 (vinylic CH) 2953 (aliphatic CH), 2927 (aliphatic CH), 2858 

(aliphatic CH), 1722 (C=O), 1637 (exocyclic C=C), 1040 (C-O) cm-1. 

8.6.14 Preparation of caryophyllene butenolide 192 

 

A mixture of activated MnO2 (349 mg, 4.01 mmol) and aldehyde triol 191 (26 mg, 0.09 

mmol) in dry CH2Cl2 (9 mL) was heated at reflux. After 22 hours, additional CH2Cl2 (10 

mL) and activated MnO2 (250 mg, 2.88 mmol) were added to the reaction mixture and 

reaction mixture was heated under reflux. After an additional 60 hours, the reaction mixture 

was diluted with CH2Cl2 (10 mL) and filtered through celite. The celite was washed with 

CH2Cl2 and EtOAc. The combined filtrate and washes were concentrated under reduced 

pressure using a weak vacuum pump to afford a yellow oil (10 mg). The oil was purified 

by column chromatography (0:100-10:90 EtOAc/PS, silica gel) to afford butenolide 192 as 

a white solid (2 mg, 0.01 mmol, 10%). 

1H NMR (400 MHz, CDCl3): δ 6.86 (s, 1H), 5.14 (s, 1H), 5.13 (d, J = 6.4 Hz, 1H), 4.96 

(d, J = 1.6 Hz, 1H), 2.79-2.52 (m, 3H), 2.19 (td, J = 4.4, 12.8 Hz, 1H), 2.07 (app q, J = 8.4 

Hz, 1H), 1.95-1.86 (m, 2H), 1.69-1.58 (m, 3H), 1.04 (s, 3H), 0.94 (s, 3H) ppm. 

13C NMR (101 MHz, CDCl3): δ 174.0 (C=O), 153.4 (C), 149.2 (CH), 132.0 (C), 114.6 

(CH2), 78.4 (CH), 57.0 (CH), 43.7 (CH2), 40.8 (CH2), 39.9 (CH), 31.9 (C), 30.0 (CH3), 28.6 

(CH2), 26.2 (CH2), 23.8 (CH3) ppm. 

ATR-FTIR: 2958 (aliphatic CH), 2924 (aliphatic CH), 2856 (aliphatic CH), 1750 (C=O), 

1041 (C-O) cm-1. 
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8.6.15 Preparation of caryophyllene enone 195 

 

Dry DMSO (300 μL, 0.47 mmol) was added to a solution of (COCl)2 (60 μL, 0.70 mmol) 

in dry CH2Cl2 (3 mL) at -84ºC and stirred. After 20 minutes a solution of 6-

hydroxycaryophyllene 1 (42 mg, 0.19 mmol) in dry CH2Cl2 (3 mL) was added dropwise to 

the reaction mixture over 2 minutes and stirred at -84ºC. After 60 mins Et3N (500 μL, 3.59 

mmol) as added dropwise to the reaction mixture and stirred at -84ºC. After 2 hours, the 

reaction mixture was allowed to warm to room temperature and diluted with CH2Cl2 (30 

mL). The organic solution was washed with HCl solution (1M, 2 x 30 mL), deionised water 

(30 mL) and brine (30 mL). The organic layer was dried over anhydrous MgSO4 and 

concentrated under reduced pressure to afford a yellow tinged oil (56 mg). The isolated oil 

was purified by flash chromatography (5:95 EtOAc/PS) to give enone 195 as a yellow 

tinged oil (18 mg, 0.08 mmol, 37%).  

1H NMR (400 MHz, CDCl3): δ 6.17 (s, 1H), 5.25 (s, 1H), 5.04 (s, 1H), 3.09 (d, J = 16.8 

Hz, 1H), 2.85 (d, J = 16.8 Hz, 1H), 2.34 (d, J = 12.4 Hz, 1H), 2.22 (d, J = 8.8 Hz, 1H), 

2.01-1.90 (m, 1H), 1.92 (dd, J = 8.8, 11.6 Hz, 1H), 1.79 (s, 3H), 1.78 – 1.72 (dd, J = 9.2, 

11.6 Hz, 2H), 1.66 – 1.63 (m, 2H), 1.08 (s, 3H), 1.00 (s, 3H) ppm. 

13C NMR (101 MHz, CDCl3): δ 202.8 (C=O), 144.7 (C), 128.9 (CH), 128.0 (C), 114.5 

(CH2), 56.8 (CH), 53.5 (br, CH2), 43.9 (br, CH2), 42.9 (C), 39.3 (br, CH2), 32.8 (CH), 30.1 

(CH2), 29.0 (CH3), 23.5 (CH3), 18.5 (br, CH3) ppm. 

ATR-FTIR: 1716 (C=O) cm-1.  

Rf = 0.40 (5:95 EtOAc/PS, silica gel), Vanillin stain (purple). 
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8.6.16 Preparation of caryophyllene acetate enone 196 

 

DMSO (290 μL, 4.08 mmol) was added to a stirred solution of (COCl)2 (55 μL, 0.64 mmol) 

in dry CH2Cl2 (3 mL) at -84ºC. After 40 minutes, a solution of the caryophyllene acetate 2 

(46 mg, 0.17 mmol) in dry CH2Cl2 (4 mL) was added to the reaction mixture at -84ºC and 

stirred. After 60 minutes, Et3N (400 μL, 2.87 mmol) was added to the reaction mixture and 

the mixture was allowed to warm to room temperature and stirred. After 60 minutes, the 

reaction mixture was diluted with CH2Cl2 (20 mL). The organic solution was washed with 

HCl solution (1M, 2 x 30 mL), deionised water (30 mL) and brine (30 mL). The organic 

layer was dried over anhydrous MgSO4 and concentrated under reduced pressure to give a 

yellow oil (31 mg). The oil was purified by column chromatography (50:50 CH2Cl2/PS, 

silica gel) to give the enone 196 as a colourless oil (12 mg, 0.04 mmol, 25%). 

1H NMR (400 MHz, CDCl3): δ 6.20 (s, 1H), 5.25 (s, 1H), 5.04 (s, 1H), 4.78 – 4.61 (br m, 

1H), 4.54 (d, J = 13.6 Hz, 1H), 3.14 (d, J = 16.4 Hz, 1H), 2.92 (d, J = 16.4 Hz, 1H), 2.46 

(dt, J = 4.0, 13.2 Hz, 1H), 2.33 (m, 1H), 2.06 (s, 3H), 1.92 (m, J = 8.8, 11.6 Hz, 2H), 1.78 

– 1.66 (m, 4H),  1.07 (s, 3H), 1.00 (s, 3H) ppm. 

13C NMR (101 MHz, CDCl3): δ 202.4 (C=O), 170.6 (C=O), 139.7 (C), 131.5 (C), 130.4 

(CH), 115.3 (CH2), 63.2 (CH2), 56.2 (CH), 54.0 (CH2), 45.6 (CH2), 42.8 (CH2), 34.4 (CH), 

32.9 (C), 30.1 (CH3), 29.7 (CH2), 23.1 (CH3), 20.9 (CH3) ppm. 

ATR-FTIR: 3076 (vinylic CH), 2950 (aliphatic CH), 2932 (aliphatic CH), 2861 (aliphatic 

CH), 1742 (C=O, asym), 1703 (C=O, sym) cm-1, 1634 (C=C), 1226 (C-O) cm-1. 

Rf = 0.16 (CH2Cl2, silica gel), Vanillin stain (purple). 
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8.6.17 Preparation of hemiacetal caryophyllene enone 197 

 

Dry DMSO (310 μL, 341 mg, 4.37 mmol) was added dropwise to a stirred solution of oxalyl 

chloride (60 μL, 89 mg, 0.70 mmol) in dry CH2Cl2 (2 mL) at -84ºC. After stirring for 75 

mins, a solution of diol caryophyllene 3 (28 mg, 0.12 mmol) in dry CH2Cl2 (3 mL) was 

added dropwise to the reaction mixture at -84ºC. After 60 mins, Et3N (500 μL, 363 mg, 

3.59 mmol) was added to the reaction mixture at -84ºC with stirring to quench the reaction. 

The reaction mixture turned cloudy yellow upon addition of the Et3N. After 30 mins, the 

reaction mixture was diluted with CH2Cl2 (20 mL). The organic solution was washed with 

HCl solution (1M, 2 x 20 mL), deionised water (20 mL) and brine (20 mL). The organic 

layer was dried over anhydrous MgSO4 and concentrated under reduced pressure to afford 

a yellow tinged oil (21 mg). The oil was purified by column chromatography (0:100-15:85 

EtOAc/PS, silica gel) to afford hemiacetal caryophyllene enone 197 as a crystalline solid 

(9 mg, 0.04 mmol, 30%). 

1H NMR (400 MHz, CDCl3): δ 5.97 (dd, J = 1.2, 2.4 Hz, 1H), 5.13 (t, J = 1.6 Hz, 1H), 

5.01 (t, J = 1.6 Hz, 1H), 4.82 (dd, J = 2.4, 5.2 Hz, 1H), 3.73 (d, J = 5.2 Hz, 1H), 2.73 (ddd, 

J = 6.8, 11.2, 18.4 Hz, 1H), 2.67 (ddd, J = 4.8, 11.6, 16.4 Hz, 1H), 2.22 (app q, J = 9.6,  Hz, 

1H), 2.00 (ddd, J = 2.8, 9.2, 12.4 Hz, 1H), 1.91 (app dquint, J = 2.4, 12.8 Hz, 1H), 1.79 

(app t, J = 10.4 Hz, 1H), 1.64 (dd, J = 7.6, 10.4 Hz, 1H), 1.54 (dddd, J = 6.8, 12.4, 24.8 Hz, 

1H), 0.97 (s, 3H), 0.92 (s, 3H) ppm. 

13C NMR (101 MHz, CDCl3): δ 201.8 (C=O), 189.3 (C), 149.0 (C), 126.6 (CH), 118.1 

(CH2), 73.8 (CH), 70.3 (CH), 51.5 (CH), 42.0 (CH), 37.5 (CH2), 35.5 (CH2), 33.3 (C), 30.0 

(CH3), 25.6 (CH2), 22.1 (CH3) ppm. 

ATR-FTIR: 3401 (OH), 3086 (vinylic CH), 3058 (vinylic CH), 2952 (aliphatic CH), 2829 

(aliphatic CH), 2903 (aliphatic CH), 2861 (aliphatic CH), 1677 (C=O), 1113 (C-O) cm-1. 

HRMS (ESI): C15H20O3 [M+H]+ requires 249.1485 m/z, found 249.1482 m/z. 
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8.6.18 Preparation of Z-caryophyllene enone 198 

 

BF3·Et2O (20 μL, 23 mg, 0.16 mmol) was added dropwise to a stirred solution of 

caryophyllene enone 195 (20 mg, 0.09 mmol) and indole (12 mg, 0.10 mmol) in dry CH2Cl2 

(4 mL) at 0ºC. The reaction mixture turned orange upon addition of the BF3·Et2O. After 90 

mins, the reaction was quenched with solid NaHCO3 (56 mg, 0.67 mmol) and stirred for 

20 mins. The mixture was diluted with CH2Cl2 (20 mL) and the organic solution was 

washed with saturated NaHCO3 (3 x 20 mL). The organic layer was dried over anhydrous 

MgSO4 and concentrated under reduced pressure to afford a yellow oil (23 mg). The oil 

was purified by column chromatography (10:90-100:0 CH2Cl2/PS, silica gel) to afford Z-

caryophyllene enone 198 as a colourless oil (<1 mg). NMR spectral data matches that 

reported by the patent from Hiroshi et al.[150] 

1H NMR (400 MHz, CDCl3): δ 5.90 (s, 1H), 5.00 (d, J = 1.2 Hz, 1H), 4.89 (s, 1H), 3.47 

(d, J = 13.2 Hz, 1H), 3.42 (d, J = 13.2 Hz, 1H), 2.96 (m, 1H), 2.52 (app q, J = 8.8 Hz, 1H), 

2.25 (app dt, J = 4.4, 13.6 Hz, 1H), 1.87 (d, J = 1.6 Hz, 3H), 1.79-1.73 (m, 3H), 1.69-1.62 

(m, 2H), 1.03 (s, 3H), 1.00 (s, 3H) ppm. 

13C NMR (101 MHz, CDCl3): δ 200.0 (C=O), 152.8 (C), 146.0 (C), 129.9 (CH), 113.4 

(CH2), 51.3 (CH2), 50.4 (CH), 42.7 (CH), 37.0 (CH2), 32.6 (C), 31.4 (CH2), 30.5 (CH3), 

26.5 (CH2), 25.8 (CH3), 23.5 (CH3) ppm. 
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8.6.19 Michael addition of 1,2,4-1H-triazole to caryophyllene enone 195 

 

K3PO4 (92 mg, 0.43 mmol) was added to a solution of caryophyllene enone 195 (31 mg, 

0.14 mmol) and 1,2,4-triazole (10 mg, 0.15 mmol) in dry CH3CN (6 mL) and the reaction 

mixture was heated at reflux. After 24 hours, the reaction mixture was allowed to cool to 

room temperature. The mixture was filtered through celite and the celite was washed with 

CH2Cl2 and EtOAc. The combined filtrates and washes were concentrated under reduced 

pressure to afford a yellow tinged oil (27 mg). The oil was purified by column 

chromatography (3:97-10:90 EtOAc/PS, silica gel). Elution at 3:97 EtOAc/PS afforded Z-

caryophyllene enone 198 as a colourless oil (2 mg, 9 μmol, 7%) and dimethyl enone 200 

as a colourless oil (1 mg, 6 μmol, 5%). Elution at 10:90 EtOAc/PS afforded dienone 201 

as a colourless oil (8 mg, 0.04 mmol, 25%). NMR spectral data for dienone 201 matches 

that reported by the patent from Hiroshi et al.[150] 

Dimethyl enone 200 

1H NMR (400 MHz, CDCl3): δ 5.64 (s, 1H), 3.63 (d, J = 13.2 Hz, 1H), 3.00 (d, J = 13.2 

Hz, 1H), 2.60 (ddd, J = 1.6, 8.0, 13.6 Hz, 1H), 2.49 (d, J = 13.6 Hz, 1H), 2.43 (dd, J = 2.0, 

10.8 Hz, 1H), 2.43-2.34 (m, 2H), 2.19 (d, J = 14.8 Hz, 1H), 1.89 (d, J = 1.2 Hz, 3H), 1.85-

1.76 (m, 1H), 1.54-1.47 (m, 3H), 1.11 (s, 3H), 1.04 (s, 3H) ppm. 

HRMS (ESI): C15H22O [M+H]+ requires 219.1743 m/z, found 219.1743 m/z. 

Dienone 201 

1H NMR (400 MHz, CDCl3): δ 6.10 (s, 1H), 6.01 (s, 1H), 3.82 (app q, J = 9.6 Hz, 1H), 

2.87 (app t, J = 11.6 Hz, 1H), 2.07 (ddd, J = 8.0, 10.8 Hz, 1H), 1.97 (d, J = 1.2 Hz, 3H), 
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1.96 (d, J = 1.2 Hz, 3H), 1.90-1.81 (m, 2H), 1.69 (dd, J = 8.0, 13.2 Hz, 1H), 1.58 (ddd, J = 

0.8, 8.4, 11.2 Hz, 1H), 1.53-1.46 (m, 1H), 1.06 (s, 3H), 1.00 (s, 3H) ppm. 

13C NMR (101 MHz, CDCl3): δ 193.5 (C=O), 155.2 (C), 153.6 (C), 130.5 (CH), 128.8 

(CH), 46.7 (CH), 36.4 (CH2), 34.8 (C), 33.8 (CH), 30.3 (CH3), 28.5 (CH2), 25.6 (CH3), 23.4 

(CH3), 22.7 (CH3), 21.2 (CH2) ppm. 

ATR-FTIR: 3018 (vinylic CH), 2947 (aliphatic CH), 2938 (aliphatic CH), 2864 (aliphatic 

CH), 1602 (C=O) cm-1. 

HRMS (ESI): C15H22O [M+H]+ requires 219.1741 m/z, found 219.1743 m/z. 

8.6.20 Preparation of Diels-Alder adduct 208 

 

3,4-Dichlorothiophene-1,1-dioxide (59 mg, 0.32 mmol) was added to a solution of β-

caryophyllene 58 (53 mg, 0.26 mmol) in 1,2-dichloroethane (6 mL) and heated at reflux. 

After 24 hours, the reaction mixture was allowed to cool to room temperature and 

concentrated under reduced pressure to afford an orange oil (110 mg). The oil was purified 

using column chromatography (PS, silica gel) to afford the adduct as a yellow tinged oil 

(33 mg). The oil was further purified using radial chromatography to afford Diels-Alder 

adduct 208 as a colourless oil (11 mg, 0.03 mmol, 13%). 

1H NMR (400 MHz, CDCl3): δ 5.56 (d, J = 2.4 Hz, 1H), 5.53 (s, 1H), 4.95 (s, 1H), 4.86 

(s, 1H), 2.60 (m, 1H), 2.42 (app q, J = 9.6 Hz, 1H), 2.29 (ddd, J = 4.0, 10.0, 14.0 Hz, 1H), 

2.21 – 2.14 (m, 1H), 1.96 (m, 1H), 1.80 – 1.71 (m, 2H), 1.69 – 1.47 (m, 4H), 1.38 (dtd, J = 

4.0, 8.0, 14.0 Hz, 1H), 1.12 – 1.02 (m, 1H), 0.99 (s, 3H), 0.98 (s, 3H), 0.92 (s, 3H) ppm. 

13C NMR (101 MHz, CDCl3): δ 151.5 (C), 137.7 (CH), 131.3 (CH), 125.4 (C-Cl), 125.4 

(C-Cl), 111.1 (CH2), 57.6 (CH), 42.8 (CH2), 42.0 (CH), 40.8 (C), 38.8 (CH), 36.2 (CH2), 

35.6 (CH2), 34.4 (C), 30.1 (CH3), 28.1 (CH2), 23.8 (CH2), 22.1 (CH3), 18.6 (CH3) ppm. 
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8.6.21 Preparation of formylphloroglucinol 210 

 

Phosphoryl chloride (1.28 mL, 13.7 mmol) was added to a solution of phloroglucinol (1.003 

g, 7.95 mmol) and dry DMF (1.05 mL, 16.8 mmol) in dry EtOAc (16 mL). Upon addition 

of the phosphoryl chloride, the reaction mixture turned cloudy yellow. After 2.5 hours, 

deionised water (10 mL) was added to the reaction mixture and the mixture was extracted 

with EtOAc (3 x 30 mL). The combined organic extracts were washed with brine (2 x 100 

mL) and dried over anhydrous Na2SO4 for 15 minutes. The dried organic extract was 

concentrated under reduced pressure to afford a yellow-orange solid (0.176 g). The solid 

was purified by flash chromatography (3:97 MeOH/CH2Cl2, silica gel) to afford 

formylphloroglucinol 210 an off-white solid (80 mg, 0.516 mol, 6%). NMR and FTIR 

spectral data matched that reported by Lawrence et al.[155] 

1H NMR (400 MHz, DMSO-d6): δ 9.92 (s, 1H), 5.78 (s, 2H) ppm. 

13C NMR (101 MHz, DMSO-d6): δ 190.9 (C=O), 167.3 (C), 164.1 (C), 104.5 (C), 94.1 

(CH) ppm. 

ATR-FTIR: 3318 (O-H, s), 1638 (C=O, asym), 1601 (C=O, sym), 1573 (ar, C=C), 1471 

(ar, C=C) cm-1. 

 

8.6.22 Preparation of diformylphloroglucinol 209 

 

Phosphoryl chloride (1.6 mL, 17.1 mmol) was slowly added dropwise to stirred DMF (1.3 

mL, 16.8 mmol) at room temperature. Upon addition, the reaction mixture turned pale 

yellow and was allowed to stir at room temperature. After 3 hours, a solution of 

phloroglucinol (0.999 g, 7.9 mmol) in dry dioxane (5 mL) was added dropwise to the 

Vilsmeier reagent over 5 minutes. Upon addition of the solution, the reaction mixture 

turned bright yellow. The reaction was allowed to stir at room temperature. After 18 hours, 
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the reaction mixture was cooled at 0ºC and poured into an ice-water slurry (100 mL) with 

stirring. After 2 hours a yellow precipitate was formed that gradually changed colour to 

orange. After an additional 2 hours, the orange precipitate was isolated and air-dried to 

afford diformylphloroglucinol 209 as an orange powder (626 mg, 3.43 mmol, 43%). NMR 

and FTIR spectral data matched that reported by Lawrence et al.[155] 

1H NMR (400 MHz, DMSO-d6): δ 10.01 (s, 2H), 5.90 (s, 1H) ppm. 

13C NMR (101 MHz, DMSO-d6): δ 191.5 (CHO), 169.5 (C), 169.1 (C), 103.8 (C), 94.1 

(CH) ppm. 

ATR-FTIR: 3350 (O-H, br), 1605 (C=O, br), 1508 (C=C, ar), 1433 (C=C, ar) cm-1. 

8.6.23 Preparation of caryophyllene ether 211 

 

NaOAc (6 mg, 0.13 mmol) was added to a solution of benzaldehyde (60 μL, 62 mg, 0.6 

μmol), diformylphloroglucincol 209 (42 mg, 0.24 mmol) and 6-hydroxycaryophyllene 1 

(54 mg, 0.24 mmol) in AcOH (0.1M, 10 mL) and the reaction mixture was heated at 80ºC. 

After 6 days, the reaction mixture was allowed to cool to room temperature and was diluted 

with deionised water (20 mL) and brine (10 mL). The aqueous solution was extracted with 

EtOAc (3 x 30 mL). The combined organic extracts were dried over anhydrous MgSO4 and 

concentrated under reduced pressure to afford a dark orange oil. The oil was dissolved in 

EtOAc (40 mL) and washed with a mixture of saturated NaHCO3 solution and brine (1:1, 

3 x 50 mL). The organic layer was diluted with EtOAc (20 mL) and deionised water (20 

mL) and filtered through celite to remove an emulsion. A red waxy solid was trapped by 

the celite and the filtrate was yellow in colour. The organic layer of the filtrate was dried 

over anhydrous MgSO4 and concentrated under reduced pressure to afford a dark orange 

oil (32 mg). The product was purified by column chromatography (10:90 EtOAc/PS, silica 

gel) to afford caryophyllene dimer 211 as a colourless oil (2 mg, 4 μmol, 2%) 

1H NMR (400 MHz, CDCl3): δ 5.19 (d, J = 10.4 Hz, 2H), 4.97 (s, 2H), 4.87 (s, 2H), 4.27 

(ddd, J = 6.8, 10.4 Hz, 2H), 2.68 (dd, J = 6.4, 11.6 Hz, 2H), 2.57 (br d, J = 13.6 Hz, 2H), 
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2.29 (app q, J = 9.2 Hz, 2H), 1.97 (app t, J = 10.8 Hz, 2H), 1.78 (dd, J = 8.0, 10.8 Hz, 2H), 

1.74-1.62 (m, 2H),1.62-1.54 (m, 6H), 1.53 (s, 6H), 1.40 (app t, J = 9.6 Hz, 2H), 0.96 (s, 

6H), 0.95 (s, 6H) ppm. 

13C NMR (101 MHz, CDCl3): δ 150.8 (C), 138.3 (C), 127.7 (CH), 112.2 (CH2), 75.0 (CH), 

55.9 (CH), 48.9 (CH), 47.0 (CH2), 42.5 (CH2), 35.1 (CH2), 32.9 (C), 31.1 (CH2), 30.0 

(CH3), 22.7 (CH3), 22.0 (CH3) ppm. 

HRMS (ESI): C30H46O [M+H]+ requires 423.3621 m/z, found 423.3621 m/z. 

8.6.24 Preparation of 6-acetoxy-12-hydroxy-caryophyllene 212 

 

NaOAc (6 mg, 0.07 mmol) was added to a solution of benzaldehyde (30 μL, 31 mg, 0.3 

μmol), formylphloroglucincol 210 (22 mg, 0.14 mmol) and caryophyllene acetate 2 (56 

mg, 0.20 mmol) in AcOH (0.1M, 7 mL) and the reaction mixture was heated at 80ºC. After 

5 days, the reaction mixture was allowed to cool to room temperature and was diluted with 

deionised water (10 mL). The aqueous solution was extracted with EtOAc (3 x 30 mL). 

The combined organic extracts were washed with saturated NaHCO3 solution (2 x 100 mL), 

followed by deionised water (100 mL) and brine (100 mL). The organic layer was dried 

over anhydrous MgSO4 and concentrated under reduced pressure to afford a yellow oil (45 

mg). The oil was purified by column chromatography (0:100-3:97 MeOH/CH2Cl2, silica 

gel) to afford impure 6-acetoxy-12-hydroxycaryophyllene 212 (4 mg). The 6-acetoxy-12-

hydroxycaryophyllene 212 was further purified by column chromatography (10:90-20:80 

EtOAc/PS, silica gel) to afford 6-acetoxy-12-hydroxycaryophyllene 212 as a colourless oil 

(3 mg, 0.01 mmol, 5%). 

1H NMR (400 MHz, CDCl3): δ 5.59 (ddd, J = 6.8, 10.8, 17.6 Hz, 1H), 5.29 (d, J = 10.4 

Hz, 1H), 5.11 (s, 1H), 5.00 (s, 1H), 4.05 (s, 2H), 2.81 (dd, J = 6.8, 11.6 Hz, 1H), 2.51 (d, J 

= 15.6 Hz, 1H), 2.26 (app q, J = 9.2 Hz, 1H), 2.11-2.06 (m ,1H), 2.04 (s, 3H), 1.81 (dd, J 

= 8.0, 10.8 Hz, 1H), 1.70-1.50 (m, 3H), 1.44 (td, J = 1.6, 10.4 Hz, 1H), 0.98 (s, 3H), 0.97 

(s, 3H) ppm. 
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13C NMR (101 MHz, CDCl3): δ 170.3 (C=O), 152.0 (C), 141.3 (C), 126.9 (CH), 113.1 

(CH2), 72.5 (CH), 63.9 (CH2), 56.6 (CH), 48.8 (CH), 45.5 (CH2), 42.1 (CH2), 33.0 (C), 30.7 

(CH2), 30.4 (CH2), 29.7 (CH3), 21.8 (CH3), 21.3 (CH3) ppm. 

HRMS (ESI): C17H26O3 [M+H]+ requires 279.1955 m/z, found 279.1949 m/z. 

8.6.25 Preparation of N-hydroxylbenzimidoyl bromide 213 

 

NH2OH·HCl (1.026 g, 14.76 mmol) was added to a stirred solution of benzaldehyde (750 

μL, 0.78 g, 7.35 mmol) in Et2O (6 mL). After 15 mins, Et3N (4 drops) was added to the 

reaction mixture. After another 15 mins, the reaction mixture was dried over anhydrous 

MgSO4 and concentrated under reduced pressure to afford a yellow oil. NBS (1.430 g, 8.03 

mmol) was added to a stirred solution of the crude oil in dry DMF (9 mL). The reaction 

mixture turned orange upon addition of the NBS. After 90 mins, the reaction mixture was 

quenched with deionised water and stirred for 16 hours. The orange solution was diluted 

with deionised water (10 mL) and extracted with EtOAc (2 x 30 mL). The combined 

organic extracts were washed with deionised water (40 mL) and brine (2 x 30 mL). The 

organic layer was dried over anhydrous MgSO4 and concentrated under reduced pressure 

to afford an orange solid (757 mg). For removal of residual DMF, the crude solid was 

dissolved in CH2Cl2 (50 mL) and washed with deionised water (3 x 50 mL). The organic 

layer was dried over anhydrous MgSO4 and concentrated under reduced pressure to afford 

N-hydroxylbenzimidoyl bromide 213 as a yellow-white solid (353 mg, 1.77 mmol, 24%). 

1H NMR (400 MHz, CDCl3): δ 8.13 (d, J = 7.2 Hz, 2H), 7.62 (tt, J = 1.2, 7.2 Hz, 1H), 

7.49 (t, J = 7.2 Hz, 2H) ppm. 

13C NMR (101 MHz, CDCl3): δ 171.8 (C(Br)=N-OH), 133.9 (CH), 130.4 (CH), 129.4 (C), 

128.6 (CH) ppm. 
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